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While herpesvirus infections have been associated with high morbidity and mortality in 
populations of captive Emydid chelonians worldwide, novel herpesviruses (Terrapene herpesvirus 1, 
Emydid herpesvirus 1 and 2, and Glyptemys herpesvirus 1 and 2) have also recently been identified in 
apparently healthy free-ranging Emydid populations. The clinical significance of this finding in the 
absence of an outbreak is currently unknown. The authors hypothesize that herpesvirus prevalence may 
be used as a sentinel of population health due to the virus’ propensity to recrudesce in times of stress or 
concurrent disease. Blanding’s turtles (Emydoidea blandingii), an endangered species in Illinois, have 
experienced range-wide declines because of habitat loss, degradation, and fragmentation. While ongoing 
studies are crucial to a thorough understanding of the natural history and demographics in disjointed 
Illinois populations, infectious disease threats have been largely unevaluated. In 2015, 20 free-ranging 
Blanding’s turtles in DuPage County, Illinois were screened for a herpesvirus using consensus PCR. A 
novel herpesvirus, Emydoidea herpesvirus 1 (EBHV1), was identified. Subsequently, the investigators 
developed a highly sensitive and specific TaqMan® quantitative PCR assay to target the DNA-dependent 
DNA polymerase gene of EBHV1. Validation results indicate that this assay is specific for EBHV1, has a 
linear range of detection from 108-101 viral copies per reaction, and can categorically detect as few as 1 
viral copy per reaction. In an epidemiological investigation, combined oral-cloacal swabs were collected 
from radiotelemetered and trapped Blanding’s turtles in DuPage (n=60 turtles) and Lake (n=81 turtles) 
County from May-September 2016. Repeated samples of 50 adult females had a significantly higher 
prevalence of EBHV1 in May (23.8%, n=10) than June (2.9%, n=1), July (0%, n=0), August (0%, n=0), 
or September (7.7%, n=3) (odds ratio [OR]: 12.97; 95% CI: 3.83-43.92). This corresponds to the onset of 
nesting and may be associated with increased physiologic demands; however, all positive turtles were 
negative in subsequent months. Furthermore, there were no clinical signs associated with any turtle at the 
time they were detected with EBHV1. This investigation is the critical first step to characterizing the 
implications of EBHV1 on Blanding’s turtle population health and identifying management changes that 
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INTRODUCTION AND JUSTIFICATION 
Chelonians are considered the most highly endangered vertebrate group (Flanagan 2015; Mittermeier 
et al. 2015). There are currently 322 extant species of tortoises, freshwater, and marine turtles (Flanagan 
2015), which are found in diverse habitats around the world (Buhlmann et al. 2009; Flanagan 2015; 
Mittermeier et al. 2015). Approximately 10% of the range of turtles is covered by protected areas and it 
has been suggested that reptiles, including turtles, should be better incorporated into management plans 
(Roll et al. 2017). A conservation assessment of the world’s reptiles found that there are high threat levels 
in freshwater habitats and that freshwater turtles are highly threatened (Böhm et al. 2013). A recent study 
identified the IndoBurma biodiversity hotspot (50 species) and the southeastern United States turtle 
priority area (42 species) as the two highest chelonian total richness geographical units, however, the 
authors commented that no single priority area exceeds all others (Mittermeier et al. 2015). In the same 
study, the United States was determined to be the country that contains the greatest total richness (53 
species) and highest number of endemic species (33 species) (Mittermeier et al. 2015), making it a 
priority area for chelonian conservation.  
Of the 246 chelonian species evaluated by the International Union for Conservation of Nature 
(IUCN), 8 are extinct, 2 are extinct in the wild, 40 are critically endangered, 44 are endangered, 63 are 
vulnerable, 1 is conservation dependent, 33 are near threatened, 11 are data deficient, and 44 are least 
concern. According to the IUCN classification scheme, “threatened” categories include critically 
endangered, endangered, and vulnerable groups. Using these criteria, 147 chelonian species (59.76% of 
those evaluated; 62.28% of extant species) are considered threatened. Major threats to these populations 
include biological resource use, agriculture and aquaculture, natural system modifications, and pollution 
(The IUCN Red List of Threatened Species 2017). Additional threats cited include invasive species, 
genetic factors, and diseases (The IUCN Red List of Threatened Species 2017).  
Just as suboptimal husbandry conditions can affect the health of captive animals and lead to increased 





negatively impact health status (Flanagan 2015). Conservation initiatives, including translocation or 
introductions of animals, have been undertaken in an attempt to assist population survival, but have 
historically neglected to evaluate health and disease considerations (Aiello et al. 2014; Flanagan 2015). 
While theoretical disease models suggest that infectious disease alone cannot drive host populations to 
extinction (i.e. infectious agent will die out when the host population falls below a threshold density), 
several important exceptions have been proposed (De Castro and Bolker 2004). These include small, 
endangered populations influenced by stochastic events, frequency (vs. density) dependent transmission, 
and generalist infectious agents that can survive in more than one host species (De Castro and Bolker 
2004). Conversely, it should be recognized that not all infectious diseases increase the likelihood of 
extinction, underscoring the need for investigation of infectious agents in threatened hosts and the 
severity of resultant pathology (Smith et al. 2006). Furthermore, the presence of a pathogen does not 
necessarily lead to disease and the balance between host-pathogen relationships warrants investigation 
(Casadevall and Pirofski 2000; Aiello et al. 2014; Flanagan 2015). While cross-sectional studies provide 
preliminary evaluations of association at a given instance, longitudinal studies utilize repeated measures 
to follow individuals over prolonged periods of time (i.e. months, years, or decades) and are useful for 
evaluating the relationship between risk factors and the development of disease (Caruana et al. 2015). The 
addition of health assessment, including longitudinal monitoring, of free-ranging chelonian populations is 
recommended to establish baseline levels of pathogen persistence or exposure prior to an outbreak 
(Flanagan 2015).  
Mycoplasma spp., ranavirus, adenovirus, and herpesvirus are important pathogens in captive and free-
ranging chelonians (Jacobson 1997; Origgi and Jacobson 2000; Gibbons and Steffes 2013; Flanagan 
2015). The upper respiratory tract clinical signs associated with each of these pathogens overlap and 
coinfection has been reported, increasing the importance of diagnostic methods to differentiate the 
specific etiologic agent causing pathology (Sim et al. 2016). Mycoplasmosis is the most extensively 
characterized infectious disease of chelonians and has been suggested to be the most important chronic 





edema, conjunctivitis, nasal discharge, and ocular discharge, however, subclinical infection has also been 
reported (Jacobson et al. 2014). Mycoplasma agassizii (McGuire et al. 2014; Berry et al. 2014) and 
Mycoplasma testudineum (Jacobson and Berry 2012; McGuire et al. 2014) cause similar lesions in desert 
(Gopherus agassizii) and gopher tortoises (Gopherus polyphemus), but M. testudineum may be less severe 
(McGuire et al. 2014; Jacobson et al. 2014). Mycoplasma spp. have also been identified in free-ranging 
Eastern box turtles (Terrapene carolina carolina) with upper respiratory tract disease (Feldman et al. 
2006) and free-ranging, asymptomatic Eastern box turtles, bog turtles (Glyptemys muhlenbergii), and 
spotted turtles (Clemmys guttata) (Ossiboff et al. 2015c).  
Iridioviruses of the genus Ranavirus are emerging pathogens causing severe morbidity and mortality 
in chelonians (Gibbons and Steffes 2013). Ranaviruses are capable of infecting fish, amphibians, and 
reptiles (Gibbons and Steffes 2013). In chelonians, clinical signs include upper respiratory tract disease, 
respiratory distress, nasal discharge, oral ulceration, cutaneous abscessation, subcutaneous edema, 
anorexia, and lethargy (Gibbons and Steffes 2013). Ranavirus infection has been identified in captive and 
free-ranging Eastern box turtles (Terrapene carolina carolina) (De Voe et al. 2004; Johnson et al. 2008; 
Allender et al. 2011; Sim et al. 2016; Perpiñán et al. 2016), captive Burmese star tortoises (Geochelone 
platynotan), a free-ranging gopher tortoise (Gopherus polyphemus), and a Florida box turtle (Terrapene 
carolina bauri) (Johnson et al. 2008).  
Adenoviruses have been identified in chelonians, including wild-caught confiscated Sulawesi 
tortoises (Indotestudo forteni) (Rivera et al. 2009) and captive impressed tortoises (Manouria impressa) 
and a Burmese star tortoise (Geochelone platynota) housed with infected Sulawesi tortoises (Schumacher 
et al. 2012). Infection resulted in anorexia; lethargy; mucosal ulceration; palatine erosions of the oral 
cavity; nasal and ocular discharge; and diarrhea in the Sulawesi tortoises (Rivera et al. 2009). The 
impressed tortoises died unexpectedly without clinical signs, while the Burmese star tortoise died after 
two weeks of lethargy and anorexia (Schumacher et al. 2012).  
Although the vast majority of literature demonstrating the clinical presentation and disease 





2.2), herpesviruses have also been identified in apparently healthy free-ranging Testudinids (Jacobson et 
al. 2012) and Emydids (Ossiboff et al. 2015b; Kane et al. 2017). The clinical signs of herpesvirus 
infection vary by host species and virus, but upper respiratory signs and necrotizing stomatitis has been 
frequently reported (Tables 2.1 and 2.2). Since herpesviruses establish life-long latent infections (Ariel 
2011; Marschang 2011; Maclachlan et al. 2017), which have the ability to recrudesce in response to 
various stressors (Ariel 2011; Maclachlan et al. 2017), this pathogen provides a potentially suitable 
marker for long-term population health monitoring.  
Blanding’s turtles (Emydoidea blandingii) are one species whose conservation status and ongoing 
research initiatives reflect the challenges to global chelonian health surveillance discussed above. In fact, 
the Blanding’s turtle has become a “poster species” for attracting public interest in freshwater turtle 
conservation issues (Congdon et al. 2008). Blanding’s turtles are currently listed as CITES appendix II 
species (Convention on International Trade in Endangered Species of Wild Fauna and Flora 2017) and 
classified as endangered by the IUCN Red List of Threatened Species (van Dijk and Rhodin 2011). 
Extensive range-wide declines in the population have occurred because of habitat degradation and 
fragmentation, predation, and road mortality (Rubin 2000; Rubin et al. 2001a; Congdon et al. 2008; van 
Dijk and Rhodin 2011; Henning and Hinz Jr 2016). The long generation time (36-47 years) and slow rate 
of potential recovery (van Dijk and Rhodin 2011) also pose obstacles to Blanding’s turtle conservation. 
Extensive research of Blanding’s turtle biology and ecology makes it one of the best known turtle species 
throughout much of its range (Congdon et al. 2008), with an emphasis on nesting ecology (Standing et al. 
1999; Jones and Sievert 2012), spatial ecology (Rowe and Moll 1991; Rubin 2000; Congdon et al. 2011; 
McGuire et al. 2013; Mui et al. 2017), population genetic structure (Rubin 2000; Rubin et al. 2001a), and 
aging (Congdon et al. 2001). 
In an attempt to counteract the known threats to Blanding’s turtles in the urban landscape of the 
Greater Chicago Metropolitan Area (GCMA), conservation programs have included “head-start", mark-
recapture, and radio-telemetry studies (Rowe and Moll 1991; Rubin 2000; Rubin et al. 2001a). 





systems, light and noise pollution, ex situ nest protection, and the effects of head-start programs have 
been recently cited as necessary future research directions (Henning and Hinz Jr 2016). While these 
efforts are crucial to a thorough understanding of the natural history and demographics in disjointed 
Illinois populations, infectious disease threats have been largely under evaluated. Since disease could 
potentially negatively impact conservation of endangered species, it is imperative to assess the health of 
the free-ranging Blanding’s turtle population and of turtles being released or re-introduced to these 
populations. With increased awareness and expertise, existing conservation programs are primed to 
introduce pathogen surveillance and health assessment into Blanding’s turtle management plans. 
The purpose of this project is to establish herpesvirus prevalence surveillance in free-ranging 
Blanding’s turtles in DuPage and Lake County, Illinois. As stated above, herpesvirus was selected as a 
potentially suitable marker for long-term population health monitoring due to its propensity for latency 
and recrudescence in times of stress. It is hypothesized that populations with a high proportion of 
individuals shedding viral DNA may be experiencing immune compromise secondary to an 
environmental stressor or concurrent disease. Alternatively, fragmented habitats may contribute to 
decreased interaction between turtles and, therefore, decreased herpesvirus prevalence. There have been 
no published reports of a herpesvirus identified in Blanding’s turtles including a surveillance study 
conducted nearly ten years ago in Illinois (Allender et al. 2009).  
 
The following objectives were investigated during the development of this thesis and will be presented 
therein:  
1. Pathogen detection: determine if a novel herpesvirus is present in Blanding’s turtles from DuPage 
County, Illinois.  
2. Assay development and validation: develop a Taqman® quantitative polymerase chain reaction 





3. Cross-sectional and within-season longitudinal prevalence study: characterize the epidemiology 
and determine the prevalence of Emydoidea herpesvirus 1 in free-ranging Blanding’s turtles in 






























Blanding’s Turtle Natural History 
Blanding’s turtles (Emydoidea blandingii) are classified as endangered with small, fragmented 
populations throughout its range (van Dijk and Rhodin 2011). Blanding’s turtles occur in both the United 
States (South Dakota, Nebraska, Minnesota, Iowa, Missouri, Illinois, Wisconsin, Indiana, Michigan, 
Ohio, New York, Pennsylvania, Maine, New Hampshire, Massachusetts) and Canada (Nova Scotia, 
Ontario, and Québec) (van Dijk and Rhodin 2011). The largest populations are located in the western 
extent of the range (Minnesota and Nebraska) (Congdon et al. 2008). The Nebraska population is 
estimated to contain over 130,000 individuals (excluding hatchlings and yearlings), whereas the Illinois 
populations are considered to be in ongoing decline (van Dijk and Rhodin 2011). Based on mark-
recapture surveys in Illinois, adult population size ranges from 25-135 adults for five sites in Illinois. The 
minimum number of individuals for six other sites ranges between 8 and 56 turtles (Henning and Hinz Jr 
2016). 
The disappearance of Blanding’s turtles from Illinois prairies was first noted by Garman (1892) 
(Congdon et al. 2008). Blanding’s turtles inhabit eutrophic wetlands, such as swamps, marshes, beaver 
dams, permanent and temporary ponds, and slow-flowing streams (Congdon et al. 2008). Blanding’s 
turtles occur most commonly in the northern quarter of Illinois, but may be seen along the Illinois River 
Valley, southwest to Cass County, and across the Eastern side of the state. Illinois populations are 
estimated to occur in only 22% of the historic Illinois range (Henning and Hinz Jr 2016). It is striking that 
there are only 162 Blanding’s turtle occurrence records in the Illinois Natural Heritage Database and 91 of 
these have been observed in the last 10 years (Henning and Hinz Jr 2016). It has been suggested that the 
largest Illinois population has a 95% chance of extinction within 50 years without active management 
(Henning and Hinz Jr 2016).  
In Illinois, the seasonal cycle includes dormant overwintering in wetlands from November-March and 





recapture research in Northeastern Illinois demonstrated that turtles emerged from dormancy by late 
March and trapping success peaked in June (Rowe and Moll 1991). From May-August, daily activity 
began from 0600 and 0800h and ceased between 1900 and 2200h. Blanding’s turtles tended to retire to 
pond bottoms beneath aquatic vegetation at night (Rowe and Moll 1991). Seasonal individual activity 
centers for all turtles ranged from 0.1-1.2 ha (0.4-2.3 ha summed area of activity centers) and no 
significant difference in range length were found between four males and three females (Rowe and Moll 
1991). Aquatic activity daily movements within activity centers varied between 1-230 m distance and 
peaked in July. Males were noted to move significantly greater distances per day than females (Rowe and 
Moll 1991). Terrestrial movements occurred mostly in May and June and included long distance treks and 
short daily forays by both males and females (Rowe and Moll 1991). Maximum overland movement in 
two males for a single day was 550 m. Excluding movements associated with reproduction, no such 
extensive movements were noted in females (Rowe and Moll 1991) 
Prior to nesting, Blanding’s turtles undergo extensive terrestrial movements (Congdon et al. 2008). In 
Southeastern Minnesota, females may move up to 7.5 km. Movements may take longer than 7 days and 
include visits to woodland pools, temporary marshes, previous nest sites, and eventually to the area of 
nest construction (Congdon et al. 2008). In Northeastern Illinois, most terrestrial movements occurred in 
May and June and included both long and short distance treks (Rowe and Moll 1991). Nesting migrations 
may be less extensive in areas impacted by development and restricted by human disturbance (Rubin et 
al. 2001b). Variation in the onset and duration of nesting among Blanding’s turtle populations has been 
reported, which may be due to climatic differences and local resource availability (Rowe and Moll 1991). 
In Michigan and Illinois, nesting occurs from late May to early July (Rowe and Moll 1991; Congdon et 
al. 2008; Henning and Hinz Jr 2016) with an average nesting season of approximately 23 days in 
Michigan (Congdon et al. 2008) and a range of 13-28 days in Illinois (Henning and Hinz Jr 2016). In 
Massachusetts, nesting occurs from early to late June with an average duration of two weeks (Congdon et 
al. 2008). Nests are often constructed in areas of disrupted habitat, including gardens, driveways, dirt 





from nest construction to hatchling emergence is approximately 84 days, with hatchings emerging from 
late August through early October (Congdon et al. 2008). In Nova Scotia, however, incubation can 
require up to 128 days with hatchling emergence in late October (Standing et al. 1999). 
Clutch sizes range from 3-19 eggs and increases with female body size (Congdon et al. 2008). 
Estimates of nest predation rates are very high, usually due to raccoons and foxes (Congdon et al. 2008; 
Henning and Hinz Jr 2016). Protected nests in Illinois have a much higher hatching rate, approaching 
78% (Henning and Hinz Jr 2016). In Massachusetts, nests within residential landscapes had higher post-
hatching emergence mortality rates than those in nonresidential landscapes, most often due to the Eastern 
chipmunk (Tamias stiatus), cars, birds, and domestic horses (Jones and Sievert 2012). Investigators 
concluded that females may be attracted to dry, open lawns and gardens to nest, but hatchlings sustain 
elevated mortality rates in these areas (Jones and Sievert 2012). 
Blanding’s turtles are long lived (>75 years) with females reaching maturity between 14-20 years of 
age in the Michigan population (Congdon et al. 2001, 2008). In addition to longevity and delayed 
maturity, Blanding’s turtles have exhibited low reproductive output (Standing et al. 1999; Henning and 
Hinz Jr 2016). Females produce a maximum of one clutch per year (Standing et al. 1999; Congdon et al. 
2008; Henning and Hinz Jr 2016) and nesting frequency is variable (33-80% of years) (Henning and Hinz 
Jr 2016). Increased reproductive output of older Blanding’s turtle females is a result of increased clutch 
size, reproductive frequency, and adult survivorship compared to younger age groups (Congdon et al. 
2001). This life history strategy requires high juvenile survival rates (approximately 78%) and very high 
adult survival rates (approximately 94%) to maintain a viable population (Henning and Hinz Jr 2016). Sex 
bias can reduce the effective population size, lead to inbreeding, and the production of fewer offspring 
(Henning and Hinz Jr 2016). Low incubation temperatures in Nova Scotia may result in prolonged 
incubation, late hatchling emergence, decreased time to find suitable hibernacula, and increased 
proportion of males (Standing et al. 1999).  
Evaluation of populations in the Greater Chicago metropolitan area (GCMA) have shown that 





In a study of genetic diversity among Blanding’s turtle populations in the GCMA, Southeastern 
Michigan, Southwestern Nova Scotia, and Sandhill Wildlife area in Wisconsin, it was determined that 
populations in the GCMA, Nova Scotia, an Wisconsin may all be genetically depauperate (Rubin et al. 
2001a) when compared to the significantly more diverse Michigan population (Rubin et al. 2001a). 
Furthermore, the lack of genetic differentiation between the Pratts Wayne Woods and West Chicago 
Prairie populations in the GCMA may be due to the relatively short period of separation between these 
populations on an evolutionary scale and the long generation time of Blanding’s turtles (Rubin et al. 
2001a). Loss of genetic variation in these Illinois populations may reduce opportunities for adaption to 
environmental changes through evolutionary change (Rubin et al. 2001a), feasibly increasing the risk of 
introduction of infectious diseases. Given the relatively small, fragmented status of Illinois populations 
and the potential for reduced genetic diversity when compared to populations elsewhere in the Blanding’s 
turtle range, the turtles in these potentially stressed subpopulations are ideal candidates for initiation of 
infectious disease research and health assessment. The impact of this research will increase with the 
incorporation of additional infectious disease assessments over multiple years and comparison to other, 
comparatively healthy, Blanding’s turtle populations in the United States and Canada.  
 
Herpesvirus Taxonomy, Diversity, and Molecular Characteristics 
The Order Herpesvirales is composed of three families (Herpesviridae, Alloherpesviridae, and 
Malacoherpesviridae). Family Herpesviridae contains the herpesviruses of mammals, birds, and reptiles, 
and is further divided into three subfamilies: Alphaherpesvirinae, Betaherpesvirinae, and 
Gammaherpesvirinae (Davison 1993; Nishiyama 1996; Marschang 2011; Maclachlan et al. 2017). 
Herpesvirus virions are enveloped, measure approximately 200-300 nm in diameter, and contain a core, 
capsid, and tegument (Nishiyama 1996; Wagner and Sandri-Goldin 2008; Maclachlan et al. 2017). The 
icosahedral nucleocapsid (125 nm) is composed of 162 capsomeres (Nishiyama 1996; Wagner and 
Sandri-Goldin 2008; Maclachlan et al. 2017). All herpesviruses contain genomes of linear, double-





In general, DNA viruses tend to have a larger genome, mutate slowly, and evolve with the host (Wellehan 
and Johnson 2005; Wellehan 2012). It is probable that all vertebrate species can carry multiple 
herpesviruses, however, severe disease is usually only noted in immunocompromised individuals or an 
aberrant host (Marschang 2011; Maclachlan et al. 2017). Productive host switches are thought to be 
relatively uncommon (Wellehan 2012).  
Not surprisingly, there is a high degree of variation among the size, composition, and organization of 
herpesvirus genomes (Davison 1993; Maclachlan et al. 2017). Notably, the percentage of guanine plus 
cytosine (G:C) ratio varies more than eukaryotic DNA and genome size can range in size from 108 to 
more than 300 kbp (Davison 1993; Maclachlan et al. 2017). Studies have demonstrated that nearly all 
herpesviruses with a high GC content are neurotropic alphaherpesviruses, and suggested that the high GC 
abundance may play a role in genetic stability (Brown 2007). Unique segments of the genome are flanked 
by reiterated DNA sequences at either end (Davison 1993; Nishiyama 1996; Wagner and Sandri-Goldin 
2008; Brown 2014; Maclachlan et al. 2017). In alphaherpesviruses, the unique genome segments are 
designated as unique-long (UL) and unique-short (US) (Davison 1993; Wagner and Sandri-Goldin 2008; 
Maclachlan et al. 2017). The notable presence of inverted repeats and tandem repeats within the 
alphaherpesvirus genome is involved in intramolecular recombination (Thiry et al. 2005; Brown 2014), 
and possible protection from mutagenic events during latency by triggering the homologous 
recombination-dependent DNA repair pathway (Brown 2014). In fact, inverted and tandem repeats may 
compose 40% or more of the alphaherpesvirus genome (Brown 2014). The inversion of UL and US 
orientation, which occurs during replication, produces four isomers of the genome in Class E 
alphaherpesviruses (Davison 1993; Thiry et al. 2005; Wagner and Sandri-Goldin 2008; Maclachlan et al. 
2017). Herpesvirus genes encode regulatory and virus replication proteins (immediate and early genes), in 
addition to structural proteins (late genes) (Maclachlan et al. 2017).  
Although there is likely a tremendous variety in virus replication strategies (Maclachlan et al. 2017), a 
basic understanding is crucial to the comprehension of molecular diagnostic techniques used to 





simplex virus 1 (HSV1) (Maclachlan et al. 2017). Using HSV1 as a model for replicaton, herpesviruses 
first attach to the target cell by binding of virion glycoprotein spikes to host-cell receptors (Maclachlan et 
al. 2017). More specifically, the envelope is derived from the host cell nuclear membrane and contains at 
least 10 virally encoded glycoproteins (Wagner and Sandri-Goldin 2008). Initial association with the host 
cell is mediated by glycoproteins gB and gC and glycosamminoglycans (GAGs, i.e. heparin sulfate) on 
the cell surface (Nishiyama 1996; Wagner and Sandri-Goldin 2008). The viral envelope then fuses with 
the cell plasma membrane, enabling the nucleocapsid to enter the cell’s cytoplasm (Maclachlan et al. 
2017). This process requires four essential glycoproteins, gB, gH, gD, and gL (Davison 1993; Maclachlan 
et al. 2017). HSV exists as a de-enveloped virion in the cytoplasm before it is transported to the nucleus 
by a poorly-understood process that requires cell microtubule machinery (Wagner and Sandri-Goldin 
2008). The DNA-protein complex is then released from the nucleocapsid (uncoating) and enters the 
nucleus, where replication occurs (Wagner and Sandri-Goldin 2008; Maclachlan et al. 2017). This process 
“highjacks” host macromolecule synthesis, resulting in damage to the cell (Kennedy and Greenacre 2005; 
Maclachlan et al. 2017). Next, cellular RNA polymerase II transcribes three classes of mRNA, alpha 
(immediate early), beta (early), and gamma (late) in sequence (Wagner and Sandri-Goldin 2008; 
Maclachlan et al. 2017). The early mRNAs undergo translation to produce alpha proteins (Maclachlan et 
al. 2017). These alpha proteins initiate transcription of beta mRNAs and translation of beta proteins 
(Maclachlan et al. 2017). Examples of some of these early proteins include the two subunit DNA 
polymerase (UL30), three-subunit helicase-primase (UL5, UL8), thymidine kinase (UL23), and two-
subunit ribonucleotide reductase (UL39, UL40) (Wagner and Sandri-Goldin 2008). The beta proteins 
suppress the transcription of additional alpha mRNAs (Maclachlan et al. 2017). Viral DNA replication 
begins, using viral alpha and beta proteins, as well as host-cell proteins (Maclachlan et al. 2017). Finally, 
gamma mRNAs are transcribed and translated to gamma proteins. It appears that alpha and beta proteins 
are enzymes and DNA-binding proteins, whereas most of the gamma proteins are structural. Overall, 
more than 100 individual proteins are made during the viral replication cycle (Wagner and Sandri-Goldin 





After replication is complete, maturation occurs through the encapsidation of virion DNA into 
nucleocapsids and a major change in capsid structure by viral protease (UL26) (Wagner and Sandri-
Goldin 2008; Maclachlan et al. 2017). After encapsidation, primary envelopment occurs by budding of 
capsids through the cellular nuclear membrane (Wagner and Sandri-Goldin 2008; Maclachlan et al. 
2017). The virions in the endoplasmic reticulum fuse with the outer nuclear membrane, losing the initial 
envelope, and releasing naked nucleocapsids into the cytoplasm (Wagner and Sandri-Goldin 2008; 
Maclachlan et al. 2017). Finally, mature virions accumulate at the Golgi and endosomal vesicles and are 
released by exocytosis in the process of secondary envelopment (Nishiyama 1996; Maclachlan et al. 
2017).  
As a result of the variation between herpesvirus genomes, it has become common practice to infer the 
function of a given herpesvirus gene by assessing its similarity to a HSV1 gene with a known function 
(Davison 1993). It is likely that all herpesviruses have inherited a set of 40 “core” genes from a common 
progenitor, whereas “non-core” genes are characteristic of a particular subfamily (Davison 1993). 
Proteins encoded by open reading frames (ORFs) in the UL and US regions are referred to by the location 
of the ORF (Wagner and Sandri-Goldin 2008). The DNA polymerase gene (UL30) is the target for 
consensus polymerase chain reaction (PCR) for herpesviruses (VanDevanter et al. 1996). Functional 
domains of enzyme DNA-directed DNA polymerase are highly conserved in eukaryotes and some DNA 
viruses, providing a suitable target for PCR (VanDevanter et al. 1996). Herpesviral DNA polymerase 
(140 kDa) functions in a complex with a processivity factor (UL42; 65 kDa) (Gottlieb et al. 1990; 
Nishiyama 1996; Wagner and Sandri-Goldin 2008) and contains 3’-5’ exonuclease activity (Nishiyama 
1996). The herpesvirus DNA polymerase shows an ability to excise a terminal nucleotide mispair and is 
more accurate than eukaryotic DNA polymerases α and β (Nishiyama 1996). In addition, herpesvirus 
DNA polymerase is the target for inhibitors including aphidicolin (Aph), phosphonoacetic acid (PAA), 
and antiviral nucleoside analogs. A single amino acid change can confer resistance in the mutant 







As an enveloped virus, herpesviruses tend to be less stable in the environment and are easily 
inactivated (Wellehan and Johnson 2005; Wellehan 2012; Maclachlan et al. 2017). Transmission usually 
involves close mucosal contact (Aurelian 2009; Maclachlan et al. 2017); however, moist, cool conditions 
with the absence of ultraviolet light exposure can extend survival and facilitate transmission over larger 
distances (Maclachlan et al. 2017). While there is no seasonal variation in the incidence of herpes simplex 
virus 1 (HSV1) infection in humans (Aurelian 2009), viral infections in ectothermic vertebrates can be 
influenced by temperature (Ahne et al. 2002). Rapidly increasing water temperature was found to increase 
the onset and severity of herpesvirus lesions (gray-patch disease) in green sea turtles (Chelonia mydas) 
when compared to control animals (Haines and Kleese 1977). In addition, warmer temperatures were 
thought to contribute to increased herpesvirus prevalence in July in Eastern box turtles (Terrapene 
carolina carolina), either by increasing interactions with conspecifics or increased viral persistence (Kane 
et al. 2017). The risk of HSV transmission is directly related to virus load (Aurelian 2009). Herpes 
simplex virus 2 (HSV2) shedding was 100-1,000 times higher in clinical lesions than in secretions from 
asymptomatic subjects, suggesting that risk of transmission is much higher upon contact with active 
lesions (Aurelian 2009). 
Potential mechanisms for viral pathogenesis include production of proteins that are directly toxic to 
the cell; interference with cellular replication, macromolecule synthesis, and structural integrity; and the 
host’s immune response to the virus (Kennedy and Greenacre 2005). Herpesviruses produce cytopathic 
effects, including cell rounding and cell lysis, in cell culture and tissues (Marschang et al. 2001). 
Infectious virus can be recovered from cells before cellular disintegration and release of virions into the 
extracellular medium. This may contribute to pathogenesis in the host by virus spread with cell-to-cell 
contact or cell fusion (Wagner and Sandri-Goldin 2008). 
Alphaherpesviruses have a broad host range, short replication cycle in cell culture (rapid lytic cycle), 
and spread quickly with destruction of infected cells (Davison 1993; Maclachlan et al. 2017). 





however, generalized infection can occur and is more typical in very young or immunocompromised 
animals, or in an aberrant host (Maclachlan et al. 2017). HSV1 and HSV2 produce a wide spectrum of 
diseases including mucous membrane and skin lesions, ocular, visceral, and central nervous system 
disease (Aurelian 2009). Severity of HSV disease can range from asymptomatic to fatal and outcome is 
determined by a variety of factors, including: age, gender, genetic factors, immune competence, 
associated illnesses, and virulence of the virus strain (Aurelian 2009). In humans, HSV prevalence 
increases with age (Aurelian 2009). Some strains of HSV can cause fatal encephalitis at low doses of 
infection (less than 102 PFU) following injection in mice, while others cannot induce neurologic disease 
after injection of 108 PFU (Nishiyama 1996). Betaherpesviruses have a narrow host range, a long 
replication cycle in cell culture (delayed cell lysis), and cause enlargement of infected cells (Davison 
1993; Maclachlan et al. 2017). Finally, gammaherpesviruses also have a narrow host range, are 
lymphotropic, and can cause cytolytic infections in epithelial cells and fibroblasts (Davison 1993; 
Maclachlan et al. 2017).  
All herpesviruses are characterized by latency, or persistent infection with recurring virus replication 
and shedding (Wellehan and Johnson 2005; Ariel 2011; Marschang 2011; Wellehan 2012; Maclachlan et 
al. 2017). The viral genome is generally silent during latency. Latency-associated RNA transcripts may 
not encode a protein or limited protein expression may be seen in some herpesviruses (Maclachlan et al. 
2017). These latent infections can remain quiescent or reactivate in times of stress (Ariel 2011; 
Maclachlan et al. 2017), including concurrent infectious disease, shipping, crowding, or administration of 
glucocorticoid drugs (Sim et al. 2015; Maclachlan et al. 2017). Alphaherpesviruses tend to establish 
latency in sensory ganglia or mononuclear cells (Davison 1993; Maclachlan et al. 2017). 
Betaherpesviruses remain latent in secretory glands, kidneys, and lymphoreticular (lymph nodes and 
spleen) tissue (Davison 1993; Maclachlan et al. 2017). Gammaherpesviruses establish latency in 
lymphocytes, and have been linked to oncogenic transformation (Davison 1993; Maclachlan et al. 2017). 
Latency has been most extensively studied in HSV1, an alphaherpesvirus (Preston 2008). HSV1 





infection, replicating HSV enters nerve termini and virus particles are transported along axons in a 
retrograde manner to the ganglia (Preston 2008). During latency, transcripts and proteins characteristic of 
lytic infection cannot be detected, indicating repression of gene expression (Preston 2008). It is thought 
that this occurs during the immediate early (IE) stage of transcription in sensory neurons (Preston 2008). 
However, multiple copies of viral DNA are demonstrable as episomes or, more rarely, in the 
chromosomal DNA of latently infected host cells (Maclachlan et al. 2017). Latently infected neurons can 
be identified by the presence of viral RNA known as the latency-associated transcript (LAT) (Preston 
2008). The significance of LAT for latency is unknown, but it is hypothesized that it may have anti-
apoptotic properties that reduce neuronal death after infection (Preston 2008). In a study of experimental 
transmission of herpesvirus in Greek tortoises (Testudo graeca), herpesviral DNA was detected in the 
CNS four weeks after a secondary challenge. This finding, combined with the absence of detectable viral 
mRNA by RT-PCR and herpesviral structural protein by immunoperoxidase supports the state of latency 
(Origgi et al. 2004).  
 During reactivation, viral particles move in an anterograde direction where replication causes disease 
(Preston 2008). Sequences of reactivated herpesviruses are nearly the same as the infecting strain (Brown 
2014). Reactivation leads to shedding of the virus in nasal, oral, or genital secretions and may serve as a 
source of infection for other animals (Maclachlan et al. 2017). 
 
Overview of Herpesviruses in Chelonians 
Herpesviruses are becoming an increasingly important concern in captive and free-ranging chelonians 
(Kane et al. 2017). The first report of a herpesvirus in a chelonian was in 1975, when herpesvirus-like 
particles were visualized in a skin lesion via electron microscopy in a green sea turtle (Chelonia mydas) 
(Rebell et al. 1975). Herpesvirus-like infection was later reported in two Pacific pond turtles (Frye et al. 
1977) and a painted turtle (Chrysemys picta) (Cox et al. 1980) with generalized infection. In 1982, the 
first herpesvirus-like agent was reported in a desert tortoise (Gopherus agassizi) with a pharyngeal 





Prior to a detailed discussion of the clinical presentation, gross and histological pathology lesions, and 
diagnostic methods associated with chelonian herpesviruses, a framework for the historical and current 
knowledge base of these viruses must be established. All currently recognized reptilian herpesviruses 
belong to the subfamily Alphaherpesvirinae and chelonian herpesviruses are the best characterized of 
these (Wellehan and Johnson 2005; Ariel 2011; Marschang 2011; Wellehan 2012). Chelonian 
herpesviruses form a monophyletic cluster consistent with a genus, which has been called Chelonivirus 
(Bicknese et al. 2010; Marschang 2011; Wellehan 2012) or Scutavirus (Ossiboff et al. 2015b; 
International Committee on Taxonomy of Viruses (ICTV) 2016).  
With the advancement of molecular diagnostic techniques, tortoise and turtle herpesviruses have been 
further classified based on phylogenetic relationships (Bicknese et al. 2010). Tortoise (Testudinidae) and 
freshwater turtle (Emydidae) herpesviruses are more closely related to each other than to marine turtle 
(Cheloniidae) herpesviruses (Ossiboff et al. 2015b). Sea turtle herpesviruses include Chelonid herpesvirus 
1 (Grey Patch Disease), loggerhead genital-respiratory herpesvirus (LGRV), loggerhead orocutaneous 
herpesvirus (LOCV), Chelonid herpesvirus 5 (fibropapilloma-associated), and Chelonid herpesvirus 6 
(lung-eye-trachea disease associated) (Wellehan and Johnson 2005; Ariel 2011; Marschang 2011; 
Wellehan 2012). There are now a total of four genetically distinct tortoise herpesviruses (THV), Tortoise 
herpesviruses 1-4 (Ariel 2011; Marschang 2011; Wellehan 2012). In addition, 6 Emydid herpesviruses 
have been described via molecular means, including: Emydid herpesvirus 1 and 2 (Jungwirth et al. 2014; 
Ossiboff et al. 2015b), Glyptemys herpesvirus 1 and 2 (Ossiboff et al. 2015b), and Terrapene herpesvirus 
1 and 2 (Sim et al. 2015; Yonkers et al. 2015). Given the degree of relatedness and clinical similarities 
between Testudinid and Emydid herpesviruses and their hosts, the majority of discussion in this thesis 
will focus on these viruses.  
Phylogenetic analysis has also elucidated that branching patterns of Herpesviridae are consistent with 
branching patterns for the corresponding host species, indicating codivergence (Bicknese et al. 2010). 
Given the taxonomic diversity in the Order Chelonia or Testudines (>300 extant species), it is reasonable 





diversity (Bicknese et al. 2010; Wellehan 2012). Furthermore, there is greater divergence amongst 
tortoise herpesviruses than among viruses in the Simplex genus, which may also coincide with clinically 
significant differences in host presentation (Bicknese et al. 2010). Although the genetic distance between 
human herpesviruses is relatively small, there are substantial differences in the resultant lesions and 
virulence (Bicknese et al. 2010; Wellehan 2012). For example, human herpesvirus 1 primarily causes cold 
sores, human herpesvirus 2 causes genital lesions, and Macacine herpesvirus 1 is rapidly fatal (Bicknese 
et al. 2010; Wellehan 2012). Based on this information, it is reasonable to assume that major differences 
in clinical presentation may be present among herpesviruses isolated from closely related chelonians. It 
follows that there is limited clinical value in knowing there is a herpesvirus present without further 
characterizing the virus through sequencing (Bicknese et al. 2010). A concerted effort towards 
characterizing novel herpesviruses and defining host patterns in previously described herpesviruses is the 
first step to defining host-pathogen relationships and possible implications in aberrant species (Bicknese 
et al. 2010).  
It is within this framework that a productive discussion of the clinical components of Testudinid and 
Emydid herpesviruses can take place. The current status of chelonian herpesviral knowledge base and the 
path to obtaining this information thus far illustrates the importance of development of sensitive and 
specific molecular diagnostic methods and exploration of chelonian herpesvirus epidemiology.  
 
Herpesviruses in Tortoises (Testudinidae) 
Tortoise herpesviruses cause epidemic disease in tortoises, occur worldwide, and are often associated 
with high mortality rates (Marschang et al. 2006). Since herpesvirus-like particles were first described in 
a desert tortoise (Gopherus agassizii) (Harper 1982), there have been many additional case reports 
published (Pettan-Brewer et al. 1996; Muro et al. 1998; Une et al. 1999; Drury et al. 1999; Hervás et al. 
2002; Johnson et al. 2005; Hunt 2006; Bicknese et al. 2010; Stöhr and Marschang 2010; Jacobson et al. 
2012). Affected species include members of the genus Testudo, Gopherus, Malacochersus, and Chersina 





2.1, but include anorexia (Pettan-Brewer et al. 1996; Marschang et al. 1997; Une et al. 1999; Soares et al. 
2004; Johnson et al. 2005; Hunt 2006), weight loss (Pettan-Brewer et al. 1996), lethargy (Marschang et al. 
1997; Hervás et al. 2002; Soares et al. 2004; Johnson et al. 2005), stomatitis (Pettan-Brewer et al. 1996; 
Marschang et al. 1997; Muro et al. 1998; Drury et al. 1999; Origgi et al. 2004; Soares et al. 2004; Johnson 
et al. 2005; Hunt 2006; Marschang et al. 2009), conjunctivitis (Origgi et al. 2004; Soares et al. 2004), 
oral/nasal discharge (Marschang et al. 1997; Muro et al. 1998; Une et al. 1999; Origgi et al. 2004; Soares 
et al. 2004; Hunt 2006; Stöhr and Marschang 2010), subcutaneous edema of the head and neck 
(Marschang et al. 1997; Drury et al. 1999; Soares et al. 2004; Hunt 2006; Stöhr and Marschang 2010), 
and dyspnea (Muro et al. 1998; Une et al. 1999; Soares et al. 2004; Hunt 2006) have been reported most 
frequently (Table 2.1). Mortality associated with herpesvirus has been reported in the majority of 
publications (Harper 1982; Pettan-Brewer et al. 1996; Marschang et al. 1997; Muro et al. 1998; Une et al. 
1999; Drury et al. 1999; Teifke et al. 2000; Hervás et al. 2002; Johnson et al. 2005; Hunt 2006; 
Marschang et al. 2009). Stomatitis has been reported as the most common clinical sign. Less frequently 
reported clinical signs include incoordination (Hunt 2006), dysphagia (Hunt 2006), and paresis of pelvic 
limbs (Stöhr and Marschang 2010). There are also tortoises which present dead with no premonitory 
clinical signs and it is only upon postmortem examination that pathology consistent with herpesvirus was 
confirmed (Harper 1982). Herpesviruses have also been identified in apparently healthy individuals by 
PCR (Soares et al. 2004; Bicknese et al. 2010).  
Eosinophilic, intranuclear inclusion bodies are characteristic on histopathology for many herpesvirus 
infections (Maclachlan et al. 2017). Necropsy and histopathology have been used historically to identify 
lesions consistent with herpesvirus, including eosinophilic, intranuclear viral inclusions (Harper 1982; 
Pettan-Brewer et al. 1996; Muro et al. 1998; Une et al. 1999; Drury et al. 1999; Teifke et al. 2000; Hervás 
et al. 2002; Johnson et al. 2005; Hunt 2006). Lesions typically include stomatitis, glossitis, rhinitis, 
conjunctivitis, and may extend into the trachea, lung, and esophagus. Diphtheritic yellow-white oral 
plaques are frequently reported (Table 2.1). In addition to lesions of the respiratory and digestive tracts, 





histopathology (Muro et al. 1998; Une et al. 1999; Hervás et al. 2002). Herpesvirus has also been isolated 
from peripheral leukocytes in a Hermann’s tortoise (Testudo hermanni), indicating viremia (Marschang et 
al. 1997).  
A baseline expectation for herpesvirus prevalence must be established for chelonian host species, 
geographic area, age, season, and sex before efficient recommendations can be made in the face of an 
outbreak. A single study in free-ranging Agassiz’s desert tortoises (G. agassizii) found a prevalence of 
31% by ELISA (n=55), which varied by geographic region from 15-56%. Although no statistically 
significant difference was noted between regions, it was suggested that this may be attributed to an 
overdispersed variation (Jacobson et al. 2012). Evidence of coinfection with herpesvirus-Mycoplasma 
(Origgi et al. 2004; Soares et al. 2004; Hunt 2006; Salinas et al. 2011) has been previously described in 
captive tortoises. The clinical signs associated with mycoplasmosis and herpesvirus can overlap in cases 
of upper respiratory tract disease, complicating the diagnosis (Soares et al. 2004; Salinas et al. 2011). 
Mycoplasmosis is generally characterized by palpebral edema, conjunctivitis, and rhinitis (Origgi et al. 
2004; Soares et al. 2004), whereas oral lesions are not typically described (Origgi et al. 2004). 
Mycoplasma agassizii can cause mortality and may be a cause of population decline in wild tortoises 
(Soares et al. 2004). The prevalence of Mycoplasma agassizii and herpesvirus was investigated in captive 
tortoises in Spain and the United Kingdom (UK) through the use of PCR on oral or choanal swabs, and 
coinfection was identified in both studies (Soares et al. 2004; Salinas et al. 2011). The prevalence of 
herpesvirus was 8.2% (n=146) in the UK and 25% (n=63) in Spain, while the prevalence of M. agassizii 
was 15.8% in the UK and 6% in Spain (Soares et al. 2004; Salinas et al. 2011). Interestingly, case 
selection of the Spain study included only tortoises with clinical signs (Salinas et al. 2011), whereas 35% 
of the tortoises were considered “diseased” in the UK study (Soares et al. 2004). 
 
Herpesviruses in Freshwater and Box Turtles (Emydidae) 
As discussed above, tortoises infected with herpesvirus typically present with ulcerative to 





signs have been reported in Eastern box turtles (Terrapene carolina carolina) with Terrapene herpesvirus 
1 (Sim et al. 2015), the presentation of herpesviruses in Emydids has varied by chelonian species and the 
specific virus in question (Table 2.2). Non-specific clinical signs have included lethargy, hyporexia, and 
death (Cox et al. 1980; Jacobson et al. 1982; Jungwirth et al. 2014; Ossiboff et al. 2015a; Sim et al. 2015; 
Yonkers et al. 2015). Subcutaneous edema (Jacobson et al. 1982), oral discharge (Cowan et al. 2015), 
nasal discharge (Ossiboff et al. 2015a; Kane et al. 2017), and dyspnea (Sim et al. 2015; Kane et al. 2017) 
have also been reported, similar to tortoises. Skin lesions represent a different clinical presentation in 
Emydids, including hyperkeratosis in an Australian Krefft’s river turtle (Emydura macquarii krefftii) 
infected with an uncharacterized herpesvirus (Cowan et al. 2015) and fibropapilloma in an Eastern box 
turtle infected with Terrapene herpesvirus 2 (Yonkers et al. 2015). Mortalities without premonitory 
clinical signs (Jungwirth et al. 2014) and infection in apparently healthy individuals (Ossiboff et al. 
2015a, 2015b; Kane et al. 2017) have been reported in Emydids. Interestingly, painted turtles (Chrysemys 
picta) have been implicated as possible asymptomatic carriers or a reservoir for Emydid herpesvirus 1 
after being found in four apparently healthy individuals housed in the same system as a Northern map 
turtle (Graptemys geographica) that died with herpesvirus inclusions in the liver, lung, and spleen 
(Ossiboff et al. 2015a).  
Postmortem histopathology in freshwater turtles with either herpesvirus-like particles on electron 
microscopy or confirmation of via polymerase chain reaction (PCR) has illustrated intranuclear inclusion 
bodies in the liver, lung, kidneys, and spleen. Although disseminated organ involvement has been 
reported in tortoises, it is usually accompanied by stomatitis, glossitis, and pharyngitis (Une et al. 1999). 
One exception is a case of herpesviral hepatitis without upper respiratory or digestive tract involvement 
(Hervás et al. 2002). Emydids, on the other hand, have been found to have necrotizing hepatitis, 
pancreatitis, splenitis, and renal tubular degeneration in the absence of oral lesions (Frye et al. 1977; Cox 
et al. 1980; Jacobson et al. 1982; Ossiboff et al. 2015a). Severe, diffuse fatty degeneration of hepatocytes 
and intranuclear inclusions with no necrotizing lesions was also described in an Eastern river cooter 





previously discussed Australian Krefft’s river turtle and Eastern box turtle showed orthokeratotic 
hyperkeratosis and papillary hyperplastic stratified epithelium, respectively, in conjunction with 
intranuclear inclusions (Cowan et al. 2015; Yonkers et al. 2015). Unfortunately, the herpesvirus involved 
was not determined in several freshwater turtle cases, so it is difficult to draw definite conclusions about 
tissue tropism patterns of Emydid herpesviruses at this time.  
Most importantly, herpesviruses have recently been identified to be widespread in apparently healthy 
free-ranging Emydid chelonian populations, however, the clinical significance of this finding in the 
absence of an outbreak is currently unknown (Ossiboff et al. 2015b; Kane et al. 2017). Consensus PCR of 
combined choana-cloaca swabs was used to identify Glyptemys herpesvirus 1 in 48.5% of sampled bog 
turtles (Glyptemys muhlenbergii) (n=204) from five northeastern states; Glyptemys herpesvirus 2 in 
55.6% of wood turtles (Glyptemys insculpta) (n=9) from two states; and Emydid herpesvirus 2 in 2.9% of 
bog turtles (n=204) and 5.9% spotted turtles (Clemmys guttata) (n=17) (Ossiboff et al. 2015b). Sampling 
was conducted in spring of 2011, 2013, and 2014 during this study. None of the turtles showed clinical 
signs of herpesvirus infection (Ossiboff et al. 2015b). Finally, an epidemiologic investigation using a 
Terrapene herpesvirus-specific quantitative PCR (qPCR) assay was recently conducted in free-ranging 
Eastern box turtles from Tennessee and Illinois in two consecutive years (Kane et al. 2017). A baseline 
prevalence of 31.3% was detected (n=128), but turtles were more likely to be positive in July (50%; 
n=67) compared to September (38%; n=44) and May (11%; n=17). Furthermore, there was a higher 
prevalence in 2014 than 2013 and clusters of herpesvirus presence were identified in May and July, with 
the latter being associated with a clear-cut setting from 2007 (Kane et al. 2017). There was no significant 
relationship between clinical signs and herpesvirus status in this study (Kane et al. 2017). There have 
been no published reports of a herpesvirus identified in Blanding’s turtles. Furthermore, a previous 
pathogen surveillance study conducted nearly ten years ago failed to identify a Blanding’s turtle 
herpesvirus within a single year (Allender et al. 2009).  
Herpesvirus-ranavirus coinfection has been previously reported in a group of adult Eastern box 





herpesvirus 1 (100% ranavirus; 40% herpesvirus PCR prevalence) (Sim et al. 2015). These turtles 
developed ranaviral stomatitis, esophagitis, gastroenteritis, hepatitis, and splenitis, likely representing 
herpesvirus recrudescence during a period of stress (Sim et al. 2015). Similarly, coinfection with 
Terrapene herpesvirus 1 and Mycoplasma sp. has been reported in frog virus 3 (FV3)-like positive captive 
Eastern box turtles. In this study, survival was longer in FV3-like positive individuals that were 
coinfected with herpesvirus (45 days) than in FV3-like infection alone (19 days) (Sim et al. 2016). 
Although this difference was clinically significant, it was not statistically significant (Sim et al. 2016). 
The role of coinfections remains largely unevaluated in free-ranging chelonians, but may contribute to 
herpesvirus recrudescence and clinical signs. The potential for coinfection highlights the need for baseline 
determination of infectious disease prevalences in chelonian species, enabling meaningful management 
decisions to be made in the face of an outbreak.  
 
Diagnostic Methods 
Methods to diagnose tortoise herpesviruses have evolved since the initial confirmation of herpesvirus-
like lesions. Diagnosis of herpesvirus infection in chelonians has been accomplished via histopathology, 
electron microscopy, virus isolation, serum neutralization, enzyme-linked immunosorbent assays 
(ELISAs), traditional PCR, quantitative PCR (qPCR), and DNA sequencing (Tables 2.1 and 2.2).  
Electron Microscopy & Virus Isolation 
Virus isolation and electron microscopy provide information about the presence of a virus (Wellehan 
and Johnson 2005; Wellehan 2012). In addition to postmortem examination and histopathology, the initial 
cases employed electron microscopy to aid in the diagnosis of herpesviruses in chelonians (Harper 1982; 
Pettan-Brewer et al. 1996; Marschang et al. 1997; Muro et al. 1998; Une et al. 1999; Drury et al. 1999; 
Hervás et al. 2002; Origgi et al. 2004; Johnson et al. 2005; Marschang et al. 2006). Virus isolation has 
also been attempted on multiple occasions (Marschang et al. 1997; Drury et al. 1999; Marschang et al. 
2001; Origgi et al. 2004; Johnson et al. 2005; Hunt 2006; Marschang et al. 2009; Stöhr and Marschang 





(Marschang et al. 1997; Drury et al. 1999; Marschang et al. 2001, 2009). Samples used for successful cell 
culture and virus isolation have included pharyngeal swabs (Marschang et al. 1997), buffy coat cells 
(Marschang et al. 1997), tongue (Marschang et al. 1997; Drury et al. 1999; Marschang et al. 2009), spleen 
(Marschang et al. 1997; Drury et al. 1999), liver (Drury et al. 1999), trachea (Marschang et al. 1997; 
Drury et al. 1999), lung (Marschang et al. 1997; Drury et al. 1999), intestine, heart muscle, and brain 
(Marschang et al. 1997). Cytopathic effects typically occur after 5-10 days and include enlarged, round, 
refractile cells (Marschang et al. 1997; Drury et al. 1999), which may detach from the bottom of the 
culture vessel and cause circular holes in the cell monolayer (Marschang et al. 1997). Confirmation of the 
harvested virus is based on sensitivity to chloroform, inhibition by 5-iodo-2’-desoxyuridin (IUDR), and 
size and morphology on electron microscopy (Marschang et al. 1997; Drury et al. 1999; Marschang et al. 
2001). In an attempt to fulfill Koch’s postulates, experimental transmission of herpesvirus isolates has 
been performed in Testudo graeca. The tortoises developed clinical signs and were PCR positive for 
tortoise herpesvirus DNA in two or more tissues, but virus was not recovered from nasal washes, 
pharyngeal swabs, or multiple tissues (Origgi et al. 2004). It was hypothesized that this may have been 
due to the development of circulating neutralizing antibodies (Origgi et al. 2004).  
Serology 
Serum neutralization and ELISAs evaluate for the presence of a humoral immune response to a virus 
(Wellehan and Johnson 2005). It is important to note that cellular immune responses are most protective 
for viruses (vs. humoral) and that time is required for a patient to develop an immune response (Wellehan 
and Johnson 2005; Aurelian 2009). In HSV, for example, the role of humoral immunity remains 
controversial and the presence of antibodies in relation to severity of disease and reactivation from 
latency is unclear (Chew et al. 2009). The antiviral effects of CD8+ T cells, on the other hand, are well 
established and IFNᵧ plays an important role in this process (Chew et al. 2009). Many factors, including 
temperature, season, reproductive status, and exogenous corticosteroid administration may affect the 
development of an immune response to a virus in reptiles (Zapata et al. 1992; El Masri et al. 1995; Muñoz 





In response to a need for antemortem diagnostic methods, techniques expanded to include viral 
neutralization serology in chelonians (Marschang et al. 1997). Serum neutralization (SN) has been 
considered the gold standard for antiviral antibody detection and quantification (Origgi et al. 2001). 
Serum neutralization testing results have been used to further classify 16 isolates of Testudinid 
herpesviruses by using plasma from 8 animals that tested positive in virus neutralization. This study 
found that none of the animals had measurable neutralizing antibodies against one of the isolates and 
concluded that at least two herpesvirus serotypes exist, limiting the use of serologic testing (Origgi et al. 
2001). SN has also been used in two T. hermanni co-housed with a Russian tortoise (Testudo horsfieldii) 
and a third Hermann’s tortoise infected with tortoise herpesvirus type 1 (Stöhr and Marschang 2010).  
The application of SN is limited because it is only available in European research laboratories. The 
length of time required (10-14 days) to obtain a result also limits the utility of this approach (Origgi et al. 
2001). An ELISA was developed to provide a more readily accessible and rapid serodiagnostic test in T. 
graeca and T. hermanni (Origgi et al. 2001). While SN measures the presence of herpesvirus SN 
antibodies, the ELISA measures all possible subclasses of IgY directed against herpesvirus (Origgi et al. 
2001). Hyperimmunized tortoises were inoculated either intramuscularly or intranasally with herpesvirus 
isolates HV4295/7R/95 or HV1976 and monitored by serum neutralization and ELISA. In addition, 
plasma samples were collected from captive Mediterranean tortoises infected with isolates HV770/95, 
HV2245/92, and HV17/96 previously tested by SN (Origgi et al. 2001). Results indicated good agreement 
between the ELISA and SN tests. The majority of samples showed cross-reactivity, which suggests 
conserved antigenic motifs among the herpesvirus isolates (Origgi et al. 2001). Seroconversion was not 
detected earlier than four weeks post-exposure using either method. ELISA detected anti-herpesvirus 
antibodies 2-5 weeks earlier than SN, which may be because it detects antibodies against multiple 
antigenic determinants, while SN detects only biologically active neutralization antibodies against surface 
glycoproteins (Origgi et al. 2001). SN and ELISA again showed compatible results in a later experimental 
transmission study in T. graeca (Origgi et al. 2004). The ELISA methodology was later adapted and 





(Johnson et al. 2005). Overall, the application of serodiagnostic methods has been deemed less clinically 
useful due to the possibility of cross-reactivity of closely related herpesviruses and the potential for 
varying degrees of virulence exhibited by different herpesviruses (Wellehan 2012). 
Molecular Methods 
Polymerase chain reaction has revolutionized the capability to identify infectious agents with 
consensus and specific primers (Ariel 2011). Traditional PCR was created in the 1980s and involves the 
amplification of a target or template strand of DNA (Pestana et al. 2010). The PCR reaction requires a 
DNA template, two primers (determining the beginning and end of the region to be amplified), DNA 
(Taq) polymerase, deoxyribosenucleotides (dNTPs), a PCR buffer (to provide a suitable chemical 
environment), and magnesium chloride (a co-factor to increase the reaction yield). During the melting 
stage of the PCR, the double-stranded DNA is heated to 94-96 °C to separate the strands. Next, the 
annealing step involves lowering of the temperature to allow primary attachment of primers to the DNA 
strands. Finally, DNA polymerase fills in the missing dNTPs between the primers during the elongation 
step (Pestana et al. 2010). Once PCR is complete, the products can be identified using gel electrophoresis 
or restriction enzyme digestion (Wellehan and Johnson 2005; Pestana et al. 2010). In gel electrophoresis, 
PCR products are identified by size based on migration through an agarose gel towards a positive current 
compared to a DNA ladder (Pestana et al. 2010). Alternatively, the PCR product can be cut with 
restriction enzymes, which recognize short sequences that are found within the expected product 
(Wellehan and Johnson 2005).  
Consensus PCR uses primers that are designed to amplify nucleic acid from multiple organisms 
(Wellehan and Johnson 2005). The VanDevanter consensus PCR method was developed to identify a 
wide range of herpesviruses from different host species and utilizes a nested format (VanDevanter et al. 
1996). The first publication employing this technique investigated a herpesvirus mortality event in 
Pancake (Malacochersus tornieri) and Russian tortoises (Testudo horsfieldii) in Japan (Une et al. 1999). 
The eosinophilic inclusion bodies on histopathology and virions on EM prompted the use of PCR, and the 





sequencing of the PCR result was not performed after gel electrophoresis in this case. The VanDevanter 
PCR has been used in later tortoise herpesvirus reports and, when combined with sequencing, has aided in 
the characterization of tortoise herpesviruses (Une et al. 2000; Johnson et al. 2005; Marschang et al. 2006; 
Bicknese et al. 2010; Stöhr and Marschang 2010) (Table 2.1).  
Soon after the successful use of consensus herpesvirus PCR in tortoises, a different tortoise 
herpesvirus-specific assay was designed to target the DNA polymerase gene (Murakami et al. 2001). 
Subsequently, PCR assays targeting the DNA helicase primase (UL5) (Teifke et al. 2000) and 
ribonucleotide reductase gene (UL39) (Origgi et al. 2004) were developed. The UL5 (Soares et al. 2004; 
Stöhr and Marschang 2010) and UL39 (Johnson et al. 2005; Marschang et al. 2009; Stöhr and Marschang 
2010) PCRs have been utilized in later publications, sometimes in combination with more than one assay, 
to further characterize tortoise herpesviruses (Table 2.1). A crucial study explored the sensitivity of these 
4 traditional PCR techniques by testing 11 different herpesvirus isolates and found that only the original 
VanDevanter technique was able to detect all of the tested isolates. The tortoise herpesvirus-specific DNA 
polymerase PCR (Murakami et al. 2001) was only able to detect two isolates, which were previously 
classified as “type 2” by Marschang et al., 2001 on the basis of serum neutralization and restriction 
enzyme digestion (Marschang et al. 2006). Both of these isolates were negative using the UL5 and UL39 
assays (Marschang et al. 2006). It was concluded that the VanDevanter PCR was the preferred assay to 
identify previously undescribed chelonian herpesviruses (Marschang et al. 2006).  
The addition of DNA sequencing subsequent to the acquisition of positive herpesvirus PCR results 
has enabled the specific characterization of tortoise herpesvirus genotypes. As discussed above, it has 
become apparent that there are 4 known distinct tortoise herpesviruses (Bicknese et al. 2010; Ariel 2011; 
Marschang 2011; Wellehan 2012). The first tortoise herpesvirus defined by molecular characterization 
was described in pancake, Russian, and spur-thighed tortoises (Testudo graeca)(Une et al. 2000). This 
virus has since mainly been described in Russian tortoises, but can infect several other species and is 
associated with relatively low morbidity and mortality rates (Stöhr and Marschang 2010; Marschang 





(Johnson et al. 2005). Tortoise herpesvirus 3, occurring in Testudo spp., was determined to be a novel 
genotype after exploration of isolates with 4 different PCR assays (Marschang et al. 2006). It is unknown 
which tortoise species is the endemic host for this virus (Wellehan 2012). This virus is most commonly 
described in spur-thighed tortoises (Testudo graeca), marginated tortoises (Testudo marginata), 
Hermann’s tortoises (Testudo hermanni), and Russian tortoises (Testudo horsfieldii). Interestingly, spur-
thighed tortoises tend to be relatively resistant to disease (Marschang 2011). Finally, tortoise herpesvirus-
4 was found in an apparently healthy Bowsprit tortoise (Chersina angulata) (Bicknese et al. 2010). It is 
likely that many more chelonian herpesviruses exist and that the host susceptibility spectrum to each virus 
have not been fully elucidated. With the continuation of molecular diagnostic characterization, banking of 
DNA sequences, and phylogenetic analysis, these components of chelonian herpesvirus epidemiology 
will hopefully become clearer in the future.  
While the initial identification of herpesvirus-like particles in two Pacific pond turtles occurred in 
1977 (Frye et al. 1977), definitive diagnosis of herpesviruses in freshwater or box turtles via molecular 
characterization did not take place until 2014 (Jungwirth et al. 2014). Despite the delayed course of 
scientific investigation compared to herpesviruses in tortoises, the more recent research in Emydids is 
facilitated by the advances made in molecular diagnostics during this gap. A review of the diagnostic 
literature in Emydids is vastly simplified compared to that in Testudinids because Emydid herpesvirus 1, 
Emydid herpesvirus 2, Glyptemys herpesvirus 1, Glyptemys herpesvirus 2, Terrapene herpesvirus 1, and 
Terrapene herpesvirus 2 were all characterized by this consensus PCR technique and subsequent 
sequencing (Table 2.2). A single study nearly doubled the number of described Emydid herpesviruses and 
it is reasonable to believe that relationships between Emydid herpesviruses will become more clear with 
an increasing number of viruses included in phylogenetic analysis (Ossiboff et al. 2015b).  
Real-time or quantitative PCR has the potential to eliminate post-reaction analysis via gel 
electrophoresis. This method measures the amount of PCR product while the reaction is in the exponential 
phase (Sigma-Aldrich 2008; Pestana et al. 2010). Quantitative PCR also allows quantitative measurement 





template DNA present in the original sample (Sigma-Aldrich 2008; Pestana et al. 2010). Real-time 
fluorescence reporters include DNA binding dyes (SYBR® Green I) and probe-based chemistries 
(TaqMan®, Molecular Beacons, ScorpionsTM) (Sigma-Aldrich 2008; Pestana et al. 2010). Both dye-based 
and probe-based qPCR utilize a fluorescent signal produced by the absorption of light energy by 
fluorescent compounds (fluorophores) and re-emission at a longer, lower energy wavelength (Sigma-
Aldrich 2008). Most fluorophores are heterolytic or polyaromatic hydrocarbons (Sigma-Aldrich 2008). 
When using DNA binding dyes, the fluorescence intensity measured is proportional to the amount of PCR 
product, however, the dyes are non-specific and bind to any dsDNA (Sigma-Aldrich 2008; Pestana et al. 
2010). This method is cost-effective, but requires the analysis of a melting curve to check for primer-
dimer or non-specific product formation (Pestana et al. 2010). Probe-based detection relies upon 
Fluorescence Resonance Energy Transfer (FRET) between the fluorophore and quenching molecules. 
Linear probes consist of hydrolysis probes (TaqMan®) and hybridization probes, providing optimum 
hybridization efficiency and relative simplicity of design (Sigma-Aldrich 2008). Structured probes 
(Molecular Beacons, ScorpionsTM), however, display higher hybridization specificity because they form 
fewer conformations in the absence of a target and allow for mismatch discrimination (Sigma-Aldrich 
2008). 
TaqMan® primer-probe qPCR assays demonstrate an enhanced level of sensitivity and specificity by 
allowing specific hybridization between probe and target, which is required to generate a fluorescent 
signal for detection (Pestana et al. 2010). The probe binds to a complementary target during each 
annealing step of the PCR (Sigma-Aldrich 2008). As elongation proceeds in the 5’-3’ direction along the 
template strand, this method utilizes the 5’-3’ exonuclease activity of Thermus aquaticus (Taq) DNA 
polymerase to cleave fluorophore from the 5’ end of the probe (Sigma-Aldrich 2008). This action releases 
the fluorophore and quencher molecules into solution and results in an irreversible increase in 
fluorescence from the reporter (Sigma-Aldrich 2008). It is critical that the probe melting temperature (Tm) 






There are multiple factors to consider during design of the template, primer, and probes to be used in 
a qPCR assay (Sigma-Aldrich 2008). First, the template amplicon should be between 50-150 base pairs in 
length and secondary structures should be avoided (Sigma-Aldrich 2008). Shorter amplicons allow probes 
to compete with the complementary DNA strand and produce more efficient reactions (Sigma-Aldrich 
2008). Secondary structure, on the other hand, may hinder primers from annealing and prevent extension, 
especially in cases with stretches of guanines (Gs) (Sigma-Aldrich 2008). Primer design should also avoid 
secondary structures and avoid runs of Gs and cytosines (Cs), particularly at the 3’ end of a primer. 
Furthermore, primers should be analyzed for self-complementarity (primer-dimer formation) (Sigma-
Aldrich 2008). The Tm should be higher than the Tm of the predicted template secondary structures 
(Sigma-Aldrich 2008). Primers should be longer than 17 bases to prevent non-specific primer binding 
(Sigma-Aldrich 2008). Probes can be 9-40 bp in length, contain 30-80% GC content, and the 5’ end of the 
probe should be in close proximity to the 3’ end of the forward primer (Sigma-Aldrich 2008). A G placed 
at the extreme 5’ end of the probe (adjacent to the reporter dye) should be avoided (Sigma-Aldrich 2008). 
Guidelines have been established for the optimization, validation, and publication of qPCR assays 
(Raymaekers et al. 2009; Bustin et al. 2009). 
The cycle threshold (Ct) is the point at which the fluorescent signal is detected as statistically 
significant above the baseline (Sigma-Aldrich 2008). This value is inversely correlated to the logarithm of 
the initial copy number. A logarithmic plot of a geometric reaction results in a straight line in the 
exponential region (Sigma-Aldrich 2008). The slope of the portion of the semi-log plot can be used to 
calculate the PCR efficiency (Sigma-Aldrich 2008). There are three different levels of qPCR 
quantification (Sigma-Aldrich 2008). Absolute quantification utilizes a standard curve of external 
standards, which are the same as the target sequence, to determine the concentrations of unknown target 
samples (Sigma-Aldrich 2008; Raymaekers et al. 2009). The standard curve is constructed by plotting the 
cycle threshold (Ct) values against the logarithm of the initial copy numbers of standards with known 
concentrations (Raymaekers et al. 2009). Copy numbers are calculated after linear regression of the 





of target template and a reference template, minimizing potential variation in sample preparation and 
handling (Sigma-Aldrich 2008; Raymaekers et al. 2009). Using this method, target quantities may be 
reported as a fraction of the reference (comparative quantitation), determined based solely on the standard 
curve for the reference sequence, or calculated by measuring the amplification efficiencies of the 
reference and target and applying a correction factor (normalization) (Sigma-Aldrich 2008; Raymaekers 
et al. 2009; Bustin et al. 2009). Finally, qualitative analysis occurs after the PCR has reached a plateau 
phase, is gel-based, and provides a visual assessment of primer design (Sigma-Aldrich 2008; Bustin et al. 
2009).  
Optimization of qPCR reaction conditions increases the efficiency and specificity of the reaction. At 
the optimal primer and probe concentration, the lowest threshold cycle, highest ∆Rn, and a difference of 3 
between Ct values of two dilutions is obtained (Raymaekers et al. 2009). In addition to secondary 
structure, length of the amplicon, and primer quality, factors affecting qPCR efficiency include: PCR 
inhibitors, PCR enhancers, DNA degradation, and DNA concentration (Raymaekers et al. 2009). 
Inclusion of additives that may degrade dNTPs, primers, and PCR substrates may result in PCR 
inhibition. Inhibitors copurified with DNA may distort results or inhibit the DNA polymerase directly 
(Sigma-Aldrich 2008; Bustin et al. 2009). The use of an internal control to exclude false negatives 
resulting from inhibition and a negative control to allow detection of contamination during extraction or 
amplification are recommended for every assay (Sigma-Aldrich 2008; Raymaekers et al. 2009; Bustin et 
al. 2009).  
A qPCR technique assay developed specifically for Terrapene herpesvirus 1 has been utilized in the 
epidemiologic investigation of Eastern box turtles in Tennessee and Illinois (Kane et al. 2016, 2017). 
Quantitative PCR has also been used to evaluate herpesvirus sequences in normal tissue versus 
fibropapillomas in marine turtles (Quackenbush et al. 2001). While consensus PCR is useful for screening 
and identification of unknown or previously unidentified pathogens (VanDevanter et al. 1996), sensitive 
and specific qPCR assays are needed to detect carriers shedding low levels of viral DNA, quantify viral 





traditional and quantitative PCR, these techniques were employed to identify and characterize the 
epidemiology of a novel herpesvirus in Blanding’s turtles, respectively.  
 
Treatment of Herpesvirus in Chelonians 
Data regarding treatment of herpesvirus in chelonians is limited (Wellehan 2012). A variety of 
supportive care methods have been attempted with mixed success (Muro et al. 1998; Johnson et al. 2005; 
Hunt 2006; Marschang et al. 2009; Stöhr and Marschang 2010) in tortoises. These methods have included 
heat supplementation, soaking, oral electrolyte administration, topical treatment of oral lesions with 
chlorhexidine, esophagostomy tube placement (Johnson et al. 2005; Hunt 2006), acyclovir (Hunt 2006), 
ovine parapoxvirus immunomodulator (Stöhr and Marschang 2010), antibiotics (Muro et al. 1998; 
Johnson et al. 2005; Hunt 2006; Stöhr and Marschang 2010), fluid therapy (Johnson et al. 2005), 
aerosolization of quaternary ammonium and biguanidine compounds (Marschang et al. 2009), topical 
ophthalmics tobramycin and dexamethasone (Marschang et al. 2009), and prevention of hibernation in 
severely affected animals (Muro et al. 1998). Enrofloxacin (10 mg/kg/day) and prevention of hibernation 
in severely affected animals has reduced mortality (Muro et al. 1998). Similarly, supportive care has been 
attempted in several reports of Emydid herpesviruses, including crystalloid fluids, antibiotics 
(chloramphenicol, ceftazidime, enrofloxacin, amikacin), ascorbic acid, and antivirals (acyclovir, 
famciclovir) (Cox et al. 1980; Ossiboff et al. 2015a; Cowan et al. 2015; Sim et al. 2015; Yonkers et al. 
2015). In several of these cases, the diagnosis of herpesvirus was not reached at the time of treatment 
administration.  
Antiviral therapy has been attempted sporadically throughout the chelonian herpesvirus literature. 
Both acyclovir and ganciclovir were able to reduce tortoise herpesvirus replication in cell culture, 
showing that they reduce or prevent virus replication in vitro (Marschang et al. 1997). Unfortunately, 
safety and in vivo efficacy data are lacking (Wellehan 2012). The pharmacokinetics of a single oral dose 
of acyclovir has been previously evaluated in marginated tortoises and the half-life was determined to be 





mg/kg PO) and valacyclovir (20 and 40 mg/kg PO) was evaluated in North American box turtles 
(Terrapene sp.) (Allender et al. 2013). Results showed a low maximum plasma concentration for 
acyclovir in the preliminary study. Valacyclovir reached therapeutic plasma concentrations based on in 
vivo doses for herpesvirus in humans, but not in vitro studies for herpesvirus or iridovirus in chelonians 
(Allender et al. 2013). In another report, an Australian Krefft’s river turtle was treated with acyclovir 80 
mg/kg orally (PO) every (q) 24 hours, but was unfortunately lost to follow-up (Cowan et al. 2015). An 
Eastern box turtle with a Terrapene herpesvirus 2- associated fibropapilloma was treated with acyclovir 
(dose not provided), but became anorexic and was euthanized due to declining quality of life (Yonkers et 
al. 2015). Finally, during a ranavirus outbreak with confirmed herpesvirus coinfection, Eastern box turtle 
adults with fibrinonecrotic stomatitis, cloacitis, and conjunctivitis received famciclovir at 10, 20, or 30 
mg/kg PO q 24 hours (Sim et al. 2015). Overall, more research is needed to evaluate viable treatment 
options for chelonian herpesviruses.  
 
Conservation Implications in Chelonians 
As chelonian herpesviruses continue to be classified and information regarding host specificity is 
defined, investigation of the role of herpesviruses as a cause for free-ranging population decline; 
coinfection with other chelonian pathogens; and the utility of herpesvirus prevalence as a sentinel for 
population health is becoming more critical. Although the vast majority of literature demonstrating the 
clinical presentation and disease progression of herpesviruses in chelonians is derived from captive 
tortoises and turtles (Tables 2.1 and 2.2), herpesviruses have also been identified in apparently healthy 
free-ranging Testudinids (Jacobson et al. 2012) and Emydids (Ossiboff et al. 2015b; Kane et al. 2017). 
The specific factors contributing to the manifestation of herpesviral disease in captive individuals remains 
unclear, but may be a result of the stress associated with recent shipping (Une et al. 1999; Marschang et 
al. 2009), inappropriate husbandry conditions (Cowan et al. 2015), or co-infection with other pathogens 
(Soares et al. 2004; Salinas et al. 2011; Sim et al. 2015). It is reasonable to believe that parallels, such as 





and free-ranging populations. The epidemiology of herpesvirus in free-ranging populations and the 
conservation implications for infection has become the subject of recent chelonian research.  
A review of chelonian herpesvirus literature highlights the importance of infectious disease 
surveillance, particularly on a longitudinal scale, in free-ranging chelonian populations. This, in 
combination with the development of sensitive and specific viral assays, forms the objective of the 
research described within this thesis. With the identification of novel pathogens, targeted assay 
development, and epidemiological investigation, the role of infectious disease presence in endangered 
Blanding’s turtles can be integrated into ongoing conservation management plans.  
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 Table 2.1. Summary of current herpesvirus literature in Testudinidae (tortoises). 







None, found dead - Poor nutritional condition 
- Dorsal pharynx: caseous material occluding 
glottis, thickened epithelium 







Weight loss, anorexia, severe 
stomatitis, colonic impaction, death 
- Oral mucosa: white, plaque-like thickening 
- Trachea: mucosa thickened 
- Lung: caseous material in principal bronchi 
and pulmonary parenchyma 










Nasal & ocular discharge, stomatitis, 
necrotic tongue lesions, swelling of 
neck and lower jaw, anorexia, lethargy, 
mortality  
- Nares: rhinitis, discharge 
- Conjunctivitis 
- Stomatitis: fibrinous coating of the entire 
tongue 
VI*, H, EM, 
SN 





Sialorrhea, stomatitis, glossitis, ulcers 
on tongue/hard 
palate/glottis/esophagus, bilateral 
serous to mucopurulent nasal 
discharge, dyspnea, cutaneous ulcers, 
blepharitis, keratitis, mortality 
- Diphtheroid glossitis: extending to tracheal 
bifurcation 
- Lung: emphysematous areas & exudate in 
airways 
- Splenomegaly 








Edema of subcutaneous tissues of head 
& neck, closed eyelids, head 
outstretched, necrotic yellow oral 
plaque, death 
- Not reported Cytology, 
EM, VI* 









Anorexia, cervical extension, dyspnea, 
respiratory murmur, oral/nasal 
discharge, mortality 
- Tongue: reddish-white fibrinous coating 
- Oral mucosa: necrotizing, yellow-white 
pseudomembrane extending to caudal 
pharynx 
- Liver: enlargement and ecchymosis 
- Stomach: pseudomembrane formation 
- Liver, spleen, esophagus, stomach, 
cerebrum, lungs, adrenal glands, kidneys, 
duodenum, jejunum, colon, pancreas, 
esophagus, trachea 
H, EM, PCR 
(V-UL30) 





Russian tortoise  
(Testudo horsfieldii) 
 
AND Testudo graeca 
See 
Une et al, 
1999 
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Clinical and pathological findings 
consistent with stomatitis-rhinitis 
complex, mortality 
- Tongue and oral cavity: multiple, raised, 
rough, tan to red plaques  
- Esophagus: mucosal plaques 
- Esophagus & proximal trachea: thick layers 
of mucoid to caseous pale yellow material 
- Subcutaneous edema 
- Rhinitis: foamy nasal discharge 
H, PCR 
(UL5), ISH 
n/a Teifke et al. 2000 





State of abatement, death - Liver: hepatomegaly with grey foci on 
surface and throughout parenchyma 














Diseased: anorexia, conjunctivitis, 
dehydration, depression, edema, 
emaciation, esophagitis, glossitis, 
lethargy, loss of appetite, nasal 
discharge, oral lesions, rhinitis, 
respiratory disease, stomatitis, 
vomiting 










n=4 and n=1 
control 
Transient unilateral or bilateral 
recurrent, mild to severe conjunctivitis, 
discoloration of tongue tip, yellow 
plaque on tongue, clear oral discharge 
- Oral mucosa: diphtheritic plaques 
- No IN inclusions noted in any tissues 
examined 














Early exit from hibernation, anorexia, 
lethargy; progression of oral plaques; 
death 
- Oral mucosa: yellow-white caseous plaques 























Mortality, dyspnea, nasal discharge, 
stomatitis, cervical & palpebral edema, 
anorexia, esophagitis, foaming at 
mouth & nares, anorexia, 
incoordination, dysphagia 
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Signs of diphtheroid-necrotizing 
stomatitis, rhinitis, mortality 
 














Reddish discoloration of plastron, 
partial paresis of hind legs, irregular 
growth of carapace, mucus in oral 
cavity, palpebral edema 











herpesvirus 1  
























Rhinitis-stomatitis complex: nasal 
discharge, oral or respiratory lesions, 
conjunctivitis, esophagitis, glossitis 
PCR prevalence study 
- Herpesvirus: 25% (n=16) 




Not listed Salinas et al. 2011 















Evidence of trauma in Group 3 
Group 1: 
- ELISA captive: 22% 
- ELISA wild: 31%, varied by region 
Group 2:  
- ELISA wild: 22% 
- PCR wild (n=2): both positive 
Group 3:  














Jacobson et al. 2012 
Abbreviations: M- Male, F- Female, H- Histopathology, IN- intranuclear, EM- Electron microscopy, VI- Virus isolation attempted, VI*- Virus isolation successful, SN- 
Serum neutralization, ELISA- Enzyme-linked immunosorbent assay, ISH- In situ hybridization, IP- immunoperoxidase, PCR- Polymerase chain reaction, V-UL30- 
VanDevanter DNA polymerase, M-UL30- Murakami DNA polymerase, UL5- DNA helicase primase, UL39- ribonucleotide reductase, qPCR- Quantitative PCR, S- DNA 





 Table 2.2. Summary of current herpesvirus literature in Emydidae (pond, water, and box turtles).  
Species Signalment Clinical Signs Pathology  Diagnosis Genbank Reference 
Pacific pond turtles n=2  - Liver: viral hepatitis H, EM n/a Frye et al. 1977 





Swelling (abscess) on the head; died 6 
days later 
- Liver: coagulation necrosis, few 
granulocytes, IN inclusions 
- Lung: peribronchial accumulation of 
mononuclear cells, metaplastic epithelial 
cells, IN inclusions 
- Kidney: degeneration in random tubules 
H, EM n/a Cox et al. 1980 













Lethargy, anorexia, subcutaneous 
edema (1 week) prior to death 
- Liver: multifocal, diffuse areas of necrosis, 
IN inclusions, minimal inflammation 
- Kidneys: degenerating tubular epithelial 
cells, IN inclusions 
- Spleen: loss of architecture, lymphoid 
depletion 
- Pancreas: acinar degeneration and necrosis, 
IN inclusions 
- Lung (1 turtle): epithelial hyperplasia 
H, EM, VI n/a Jacobson et al. 1982 






7/10 died without clinical signs within 
5 weeks 
- Diagnostics in 1 turtle 
- Liver: severe, diffuse fatty degeneration of 
hepatocytes, IN inclusions 














Jungwirth et al. 2014 







Multiple skin lesions, lethargy, 
hyporexia, clear mucoid oral 
discharge, lost to follow-up 






Cowan et al. 2015 










Juvenile: emerged early from 
brumation, lethargy, dehydration, 
dyspnea, death 
 
Adults: fibrinonecrotic stomatitis, 
cloacitis, lethargy, conjunctivitis, 
blepharoedema, mortality 
Juvenile:  
- Rhinitis, stomatitis, esophagitis, 
tracheobronchitis, pneumonia- severe, 
necrotizing and ulcerative, IN inclusions 
Adults:  
- Stomatitis, glossitis: severe, necroulcerative 
with pseudomembranous crusts 
- Esophagitis, gastritis, enterocolitis, fibrinoid 
splenic vasculitis, degenerative hepatitis, 
interstitial nephritis, hyperemic edematous 
lungs (no IN inclusions in any tissues, but 
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Species Signalment Clinical Signs Pathology  Diagnosis Genbank Reference 




Painted turtles  
(Chrysemys picta) 
Captive 





Weak, frothy nasal discharge, death 
 
Painted turtles apparently healthy 
- Lung: pulmonary epithelial necrosis, 
inclusions 
- Liver: hepatocellular necrosis, inclusions 








to Emydid HV1 

























Ossiboff et al. 2015b 







Papillomatous skin lesions on the 
cranial aspect of the proximal hind 
limbs and on the medial aspect of the 
lateral hind limb; anorexia developed 
>8 mo later; euthanized (no necropsy) 
- Epidermis: papillary hyperplastic stratified 
epithelium with lymphocytes, plasma cells, 
heterophils 
- Dermis: granulomas with brown trematode 









Yonkers et al. 2015 





Prevalence of detection 31.3% (n=128) 
- 1 turtle: nasal discharge, ocular 
swelling 
- 1 turtle: open mouth breathing 
- n/a qPCR Terrapene 
herpesvirus 1 
Kane et al. 2017 
Abbreviations: M- Male, F- Female, H- Histopathology, IN- intranuclear, EM- Electron microscopy, VI- Virus isolation attempted, VI*- Virus isolation successful, SN- 
Serum neutralization, ELISA- Enzyme-linked immunosorbent assay, ISH- In situ hybridization, IP- immunoperoxidase, PCR- Polymerase chain reaction, V-UL30- 
VanDevanter DNA polymerase, M-UL30- Murakami DNA polymerase, UL5- DNA helicase primase, UL39- ribonucleotide reductase, qPCR- Quantitative PCR, S- DNA 




DEVELOPMENT AND VALIDATION OF A QUANTITATIVE PCR ASSAY FOR DETECTION 
OF EMYDOIDEA HERPESVIRUS 1 IN FREE-RANGING BLANDING’S TURTLES 
(EMYDOIDEA BLANDINGII)** 
** Content of this chapter has been accepted, in its current form, into the Journal of Virological Methods 
 
ABSTRACT: Blanding’s turtles (Emydoidea blandingii), an endangered species in Illinois, have 
experienced range-wide declines because of habitat degradation and fragmentation, predation, and road 
mortality. While ongoing studies are crucial to a thorough understanding of the natural history and 
demographics in these disjointed Illinois populations, infectious disease threats have been largely 
unevaluated. Herpesvirus outbreaks have been associated with high morbidity and mortality in 
populations of captive tortoises and turtles worldwide, including the family Emydidae (pond and box 
turtles). However, novel herpesviruses including Terrapene herpesvirus 1, Emydid herpesvirus 1 and 2, 
and Glyptemys herpesvirus 1 and 2, have recently been identified in apparently healthy free-ranging 
freshwater turtles. In 2015, 20 free-ranging Blanding’s turtles in DuPage County, Illinois were screened 
for a herpesvirus using consensus PCR. A novel herpesvirus species (Emydoidea herpesvirus 1; EBHV1) 
was identified in two animals and shared a high degree of sequence homology to other freshwater turtle 
herpesviruses. Two quantitative real-time PCR assays, using EBHV1 primer-1 and primer-2, were 
developed to target an EBHV1-specific segment of the DNA-dependent DNA polymerase gene and 
validated. Both assays performed with high efficiency (slope= -3.2; R2=1), low intra-assay variability, and 
low inter-assay variability (coefficient of variation <2% at all dilutions). However, EBHV1 primer-2 
displayed less variation and was selected to test clinical samples and five closely related herpesvirus 
control samples. Results indicate that this assay is specific for EBHV1, has a linear range of detection 
from 108-101 viral copies per reaction, and can categorically detect as few as 1 viral copy per reaction. 







Blanding’s turtles (Emydoidea blandingii), an endangered species in Illinois, have experienced range-
wide declines because of habitat degradation and fragmentation, predation, and road mortality (Rubin 
2000; Rubin et al. 2001a; Congdon et al. 2008; Henning and Hinz Jr 2016). In an attempt to counteract the 
known threats to Blanding’s turtles in the urban landscape of the Greater Chicago Metropolitan Area 
(GCMA), conservation programs have included “head-start” programs, mark-recapture, and radio-
telemetry studies (Rowe and Moll 1991; Rubin 2000; Rubin et al. 2001a). Furthermore, investigation of 
population viability, suitable habitat, genetic diversity, safe passage systems, light and noise pollution, ex 
situ nest protection, and the effects of head-start programs have been recently cited as necessary future 
research directions (Henning and Hinz Jr 2016). While these efforts are crucial to a thorough 
understanding of the natural history and demographics in disjointed Illinois populations, infectious 
disease threats have been largely unevaluated (Allender et al. 2009). For this reason, it is imperative to 
assess the health of free-ranging Blanding’s turtle populations and of turtles being released or re-
introduced to these populations. With increased awareness and expertise, existing conservation programs 
are primed to introduce pathogen surveillance and health assessment into Blanding’s turtle management 
plans. 
Herpesviruses (Order Herpesvirales, family Herpesviridae, subfamily Alphaherpesvirinae) are 
becoming an increasingly important concern in captive and free-ranging chelonians (Kane et al. 2017). 
All currently recognized reptilian herpesviruses belong to the subfamily Alphaherpesvirinae and 
chelonian herpesviruses are the best characterized of these (Ariel 2011; Marschang 2011). 
Alphaherpesvirus infection tends to result in localized lesions of the skin, respiratory, or genital tracts, but 
generalized infections may also occur (Maclachlan et al. 2017). It is probable that all vertebrates can 
support multiple herpesvirus species and severe disease is typically only noted in immunocompromised 
individuals or an aberrant host (Marschang 2011; Maclachlan et al. 2017). All herpesviruses are 
characterized by latency, or persistent infection with recurring virus replication and shedding (Maclachlan 





Maclachlan et al. 2017), including concurrent infectious disease, shipping, crowding, or administration of 
glucocorticoid drugs (Sim et al. 2015; Maclachlan et al. 2017). 
Herpesviruses have been described in many species of tortoises (Testudinidae) (Harper 1982; Pettan-
Brewer et al. 1996; Muro et al. 1998; Une et al. 1999; Drury et al. 1999; Hervás et al. 2002; Soares et al. 
2004; Johnson et al. 2005; Hunt 2006; Marschang et al. 2009; Bicknese et al. 2010; Stöhr and Marschang 
2010; Salinas et al. 2011; Jacobson et al. 2012). More recently, there have been several reports of 
mortalities attributed to novel herpesviruses in captive pond, water, and box turtles (Emydidae) 
(Jungwirth et al. 2014; Ossiboff et al. 2015a; Cowan et al. 2015; Sim et al. 2015). Tortoise (Testudinidae) 
and freshwater turtle (Emydidae) herpesviruses are more closely related to each other than to marine turtle 
(Cheloniidae) herpesviruses (Ossiboff et al. 2015b). Given the degree of relatedness and clinical 
similarities between Testudinid and Emydid herpesviruses and their hosts, discussion will focus on these 
viruses. 
Tortoises affected by clinical herpesvirus present with ulcerative to necrotizing stomatitis, 
conjunctivitis, rhinitis, glossitis, and pharyngitis (Pettan-Brewer et al. 1996; Marschang et al. 1997; Muro 
et al. 1998; Une et al. 1999; Drury et al. 1999; Teifke et al. 2000; Origgi et al. 2004; Soares et al. 2004; 
Johnson et al. 2005; Hunt 2006; Marschang et al. 2009; Salinas et al. 2011). While similar clinical signs 
have been reported in Eastern box turtles (Terrapene carolina carolina) with Terrapene herpesvirus 1 
(Sim et al. 2015, 2016), the presentation of herpesviruses in captive Emydids has varied by chelonian 
species and the specific virus in question (Frye et al. 1977; Cox et al. 1980; Jacobson et al. 1982; 
Jungwirth et al. 2014; Ossiboff et al. 2015a; Cowan et al. 2015; Yonkers et al. 2015). Most importantly, 
herpesviruses have recently been detected in apparently healthy free-ranging Emydid chelonian 
populations, however, the clinical significance of this finding in the absence of an outbreak is currently 
unknown (Ossiboff et al. 2015b; Kane et al. 2017). There have been no published reports of a herpesvirus 
identified in Blanding’s turtles. Furthermore, a pathogen surveillance study conducted nearly ten years 
ago failed to identify a Blanding’s turtle herpesvirus within a single year (Allender et al. 2009). Since 





Sim et al. 2015; Maclachlan et al. 2017), shedding of this pathogen may provide a suitable sentinel for 
population health in the absence of detectable morbidity and mortality events.  
Polymerase chain reaction has revolutionized the detection of infectious agents with both consensus 
and specific primers (Ariel 2011). Consensus primer PCR has been developed to amplify a region of the 
herpesviral DNA polymerase gene (UL30), which is highly conserved across herpesvirus species 
(VanDevanter et al. 1996). Terrapene herpesvirus 1 and 2, Emydid herpesvirus 1 and 2, and Glyptemys 
herpesvirus 1 and 2 have been recently identified using this consensus PCR technique and subsequent 
sequencing (Jungwirth et al. 2014; Sim et al. 2015; Ossiboff et al. 2015b; Yonkers et al. 2015). While 
consensus PCR is useful for screening and identification of unknown or previously unidentified 
pathogens (VanDevanter et al. 1996), sensitive and specific quantitative PCR (qPCR) assays are needed 
to detect carriers shedding low levels of viral DNA, quantify viral copy numbers, and differentiate from 
closely related viruses. The purpose of this study was to screen a population of Blanding’s turtles for the 
presence of a herpesvirus using consensus PCR in combination with Sanger sequencing and, if identified, 
develop a qPCR assay to detect this novel herpesvirus in captive and free-ranging Blanding’s turtle 
populations. The hypotheses tested were that 1) a novel herpesvirus would be identified in Blanding’s 
turtles via consensus PCR and 2) a TaqMan qPCR assay would be both sensitive and specific for 
detecting the novel herpesvirus in Blanding’s turtles. 
 
MATERIALS AND METHODS 
Conventional PCR, sequencing, and cloning 
Combined oral-cloacal swabs were collected from 20 clinically healthy free-ranging adult female 
Blanding’s turtles monitored by the Forest Preserve District of DuPage County via radiotelemetry in 2015 
(Fig. 3.1). DNA was extracted using a commercially available kit according to manufacturer’s 
instructions (QIAamp DNA Mini Kit, Qiagen, Valencia, CA) and DNA quantity and purity was measured 
via a spectrophotometer (Nanodrop spectrophotometer, Thermo Scientific, Wilmington, DE). Two-step 





short (215-315 bp) herpesvirus-consensus region of the DNA polymerase gene (VanDevanter et al. 1996). 
Reactions were performed in a 50 µl total volume using Taq Polymerase, 10x PCR buffer, MgCl2 (Taq 
DNA Polymerase Recombinant 500 U, Invitrogen, Carlsbad, CA), dNTP mix (10 mM dNTP mix, 
Invitrogen, Carlsbad, CA), and dH2O. Five microliters of template DNA from the primary PCR reaction 
were used in the secondary reaction. DNA extracts from an oral swab positive for Terrapene herpesvirus 
1 was used as a positive control and DNase/RNase-free water was used as a negative control.  
The secondary PCR products were visualized by electrophoresis using a 1% agarose gel. The PCR 
products from two individuals yielded an approximately 200 base pair gene segment, which was 
sequenced in both directions (W.M. Keck Center for Comparative and Functional Genomics, University 
of Illinois at Urbana-Champaign, Urbana, IL) and compared to known sequences in GenBank using 
BLASTN. An extended 413 base pair segment of the herpesvirus DNA polymerase gene was amplified 
using DFA and IYG primers (VanDevanter et al. 1996), which shared 91% homology to Emydid 
herpesvirus (KM357868.1; isolate 2013NJ34), 91% homology to Glyptemys herpesvirus (KM357867; 
isolate 2013NJ10), and 90% homology to Glyptemys herpesvirus (KM357869.1; isolate 2013PA23). The 
sequence was consistent with a novel herpesvirus. After trimming the primers and aligning the sequence, 
a 266 base pair segment was deposited in GenBank (KY849379). The 413 base pair segment was 
synthesized, inserted within a plasmid (Integrated DNA Technologies, Coralville, IA), and then cloned in 
E. coli (TOPO TA Cloning kit, Invitrogen, Carlsbad, CA). Plasmid DNA was isolated from bacterial 
cultures (QIAfilter plasmid Maxi kit, Qiagen, Valencia, CA) and the cloning products verified through 
sequencing in both directions (ACGT, Inc., Wheeling, IL). Plasmids were linearized using restriction 
enzyme digestion (EcoR1, Clontech Laboratories, Mountain View, CA) and visually confirmed on 1% 
agarose gel. Phenol-chloroform precipitation was then performed to remove restriction enzyme reaction 
components. Finally, DNA quantity and purity was measured via a spectrophotometer (Nanodrop 
spectrophotometer, Thermo Scientific, Wilmington, DE). Viral DNA copy number was calculated using 






(ng DNA of plasmid + clone µl⁄ )(6.022 x 1023 copies mol⁄ )
(base pair length)(1 x 109 ng g⁄ )(650 g mol of base pair⁄ )
 
Ten-fold serial dilutions of the linearized plasmids were made from 1.83 x 100 to 1.83 x 10-9 ng/µl. The 
final copy number for ten-fold serial dilutions ranged from 1.09 x 109 to 1.09 x 100 viral copies per 
reaction.  
 
Real time qPCR assay 
Two TaqMan-MGB (TaqMan primers, FAM dye labeled, Applied Biosystems, Carlsbad, CA) qPCR 
assays, EBHV1 primer-1 and EBHV1 primer-2, were designed using a commercial software program 
(Primer Express, Applied Biosystems, Carlsbad, CA) based on the sequence of the EBHV1 DNA 
polymerase gene segment in our clone. The TaqMan assay with primer-1 was performed using forward 
(5’-CGTCCTGCCGCACATCA-3’), reverse (5’-GCCAGCCAATCGGTCAAC-3’), and probe (5’-
AGAGCCTGTTAGGCGAA-3’), targeting a 57 base pair segment of the EBHV1 DNA polymerase gene. 
The TaqMan assay with primer-2 was performed using forward (5’- AGGCGAACTGTTGACCGATT-
3’), reverse (5’-TTTTCATGCGTAGGCGGATAG -3’), and probe (5’- CTGGCCTTGCGGAAG-3’), 
targeting a 59 base pair segment of the EBHV1 DNA polymerase gene. Real-time qPCR assays were 
performed using a real-time PCR thermocycler (7500 ABI real-time PCR System, Applied Biosystems, 
Carlsbad, CA). Each reaction contained 12.5 µl of 20x TaqMan Platinum PCR Supermix-UDG with ROX 
(TaqMan Platinum PCR Supermix-UDG with ROX, Invitrogen, Carlsbad, CA), 1.25 µl TaqMan primer-
probe, 2.5 µl plasmid dilution, and dH2O for a final reaction volume of 25 µl. Cycling parameters were as 
follows: 1 cycle at 50 ºC for 2 min followed by 95 ºC for 10 min, then 40 cycles at 95 ºC for 15 seconds 
and 60 ºC for 60 seconds, and a final cycle of 72 ºC for 10 min. 
 
Standard curve and sensitivity 
Validation of the sensitivity of both qPCR assays were performed in four technical repeats on plasmid 





using the same dilutions, enabling calculation of inter-assay variation. Standard curves were generated 
from the cycle threshold (Ct) values of the plasmid dilutions using commercial software (Sequence 
Detection System version 1.4, Applied Biosystems, Carlsbad, CA). Intra-assay variation was determined 
by calculating the mean Ct, standard deviations (SD), and coefficient of variations (CV) for each EBHV1 
plasmid DNA dilution (108-100). Inter-assay variation was similarly calculated, using the values obtained 
from two duplicate plates for each assay. Finally, efficiency curves were performed on uninfected 
Terrapene heart cell culture lysates and Blanding’s turtle oral swab extracts from herpesvirus-negative 
samples, each spiked with plasmid dilutions. The Blanding’s turtle oral swab extracts contained high 
(54.06 ng/µl) and low (10.88 ng/µl) total DNA concentrations measured by spectrophotometry. 
 
Specificity 
The EBHV1 primer-2 assay specificity was evaluated using positive control samples for Terrapene 
herpesvirus 1 (KJ004665), Glaptemys herpesvirus 1 (KM357867), Glaptemys herpesvirus 2 (KM357869), 
Emydid herpesvirus 1 (KF478668), and Emydid herpesvirus 2 (KM357868). 
 
Blanding’s turtle samples 
Based on assay sensitivity and specificity, EBHV1 primer-2 qPCR assay was used to evaluate 
Blanding’s turtle samples. In addition to the 20 original Blanding’s turtle oral-cloacal swabs from 2015, 
35 Blanding’s turtle oral swabs collected from Illinois in 2007 (Allender et al. 2009) were analyzed. The 
swabs from the previous study had been negative for herpesvirus using conventional PCR (Allender et al. 
2009). The level of agreement between conventional PCR and qPCR was compared for both 2007 and 
2015 swab samples. The quantity of EBHV1 DNA (copy number) in oral swabs was determined using the 









The standard curve method was used to determine the quantity of herpesvirus target DNA in 
Blanding’s turtle oral-cloacal swab samples. The standard curve from 10-fold serial dilutions of EBHV1 
positive control plasmid generated copy numbers of the target DNA for the EBHV1 primer-2 assay.  
Copy numbers were tabulated and evaluated for normality using the Shapiro-Wilk test. Mean, median, 
standard deviation, 95% confidence interval, and 10-90% percentiles were determined for positive cases 
using the EBHV1 primer-2 assay. The prevalence of EBHV1 by qPCR was determined. In addition, the 
level of agreement (kappa) between qPCR EBHV1 primer-2 assay and conventional PCR performed 
previously was reported based on prevalence. All statistical analysis was performed using statistical 
software (SPSS Statistics 22, IBM, Chicago, IL). 
 
RESULTS 
PCR, standard curve, reproducibility  
TaqMan qPCR assays EBHV1 primer-1 and EBHV1 primer-2 were performed on serial ten-fold 
dilutions of positive control plasmids. Standard curves (Fig. 3.2) and amplification plots (Fig. 3.3) were 
generated. The linear ranges for EBHV1 primer-1 and EBHV1 primer-2 were 1.09 x 108 to 1.09 x 101 
with an R2 of 1 (slope = -3.2) and 1.09 x 108 to 1.09 x 101 with an R2 of 1 (slope= -3.275), respectively 
(Fig. 3.2). The intra- and inter-assay variability of both EBHV1 primer-1 and EBHV1 primer-2 assays 
was evaluated for the serial dilutions of the control plasmids. The intra-assay CVs for EBHV1 primer-1 
were between 0.07 and 1.32% and the inter-assay CVs were between 0.52 and 1.70%. The intra-assay 
CVs for EBHV1 primer-2 were between 0.08 and 0.97% and the inter-assay CVs were between 0.54 and 
1.25% (Table 3.1). If a qPCR assay is 100% efficient, the slope of the standard curve will be -3.33. Slopes 
between -3.9 and -3.0 (80-110% efficiency) are generally considered acceptable (Sigma-Aldrich 2008; 
Raymaekers et al. 2009). The correlation coefficient of the line, R2, measures the data fit to a straight line 
and values ≤ 0.985 may not provide reliable results (Sigma-Aldrich 2008). Based on these criteria, both 





based on the standard curve slope and showed less variation compared to EBHV1 primer-1. Low and high 
DNA dilution efficiency curves (107-101) were carried out on the spiked-uninfected cell lysates and turtle 
oral-cloacal swab extracts from negative samples. This demonstrated similar performance between the 
uninfected cell lysates (slope= -3.206; R2=1), low DNA (slope= -3.367; R2=0.999), and high DNA 
(slope= -3.314; R2= 0.977) samples.  
 
Specificity 
Positive control samples for Terrapene herpesvirus 1, Glyptemys herpesvirus 1, Glyptemys 
herpesvirus 2, Emydid herpesvirus 1, and Emydid herpesvirus 2 were all negative using the EBHV1 
primer-2 qPCR assay.  
 
Blanding’s turtle samples 
Twenty oral-cloacal swab samples collected from free-ranging Blanding’s turtles in DuPage County, 
Illinois were tested for herpesvirus via conventional two-step PCR, revealing a 10% (n=2) prevalence of 
EBHV1. Quantitative PCR of these same samples using EBHV1 primer-2 detected an additional two 
positive samples for a 20% (n=4) prevalence of EBHV1. The kappa statistic was 0.6154 when comparing 
conventional PCR with qPCR results, indicating good agreement. The median viral copy number for 
qPCR positive samples was 86 copies/ng of total DNA with a mean purity (A260/A280) of 1.71 measured 
by spectrophotometry. The two samples with the highest mean viral copy number were from the two 
individuals originally positive by conventional PCR.  
Oral-cloacal swabs collected from free-ranging Blanding’s turtles in Illinois in 2007, which were 
negative for herpesvirus using conventional PCR (Allender et al. 2009), were re-tested with EBHV1 
primer-2. Quantitative PCR did not detect EBHV1 in any of these samples. The kappa statistic was 1.0 








In this study, a highly sensitive and specific TaqMan qPCR assay was developed that allows detection 
of a 59 base pair segment of the EBHV1 DNA polymerase gene. Sensitive and specific viral diagnostic 
assays are an essential and under-utilized component in conservation research. Increased availability of 
these assays may facilitate the development of evidence-based population management recommendations 
for free-ranging endangered species.  
Herpesviruses establish life-long latent infections (Ariel 2011; Marschang 2011; Maclachlan et al. 
2017), which have the ability to recrudesce in response to various stressors (Ariel 2011; Maclachlan et al. 
2017). Latency has been most extensively studied in herpes simplex virus 1 (HSV1), an alphaherpesvirus, 
which establishes latency in sensory neurons that innervate the site of initial infection (Preston 2008). 
During latency, transcripts and proteins characteristic of lytic infection cannot be detected, indicating 
repression of gene expression (i.e. the genome is silent) (Preston 2008; Maclachlan et al. 2017). The state 
of latency in chelonian herpesviruses has been supported by the presence of herpesviral DNA in the CNS 
(4 weeks after a secondary challenge) in combination with the absence of detectable viral mRNA by RT-
PCR and herpesviral structural protein by immunoperoxidase (Origgi et al. 2004). Another study that 
detected high levels of Chelonid herpesvirus 5 (ChHV5) glycoprotein B from the skin of clinically 
healthy marine turtles suggested that the absence of clinical signs in combination with presence of 
herpesvirus gene segments may imply that the virus is latent (Alfaro-Núñez et al. 2016 p. 5). Using HSV1 
as a model, however, the presence of a segment of the viral DNA polymerase gene in an otherwise 
healthy turtle in this study is likely to represent subclinical shedding of a virus that has recrudesced from 
latency, coupled with an adequate host immune response. Populations with a high proportion of 
individuals shedding viral DNA may, therefore, represent reactivation from latency due to an 
environmental stressor or concurrent disease. Conversely, populations with a low proportion of viral 
DNA shedding may represent individuals with herpesvirus in a latent state, or alternatively, reduced 
transmission of herpesvirus. One possible explanation for decreased transmission includes fragmented 





prevalence. Additional research, including evaluation of tissue tropism and latency, as well as correlation 
of herpesvirus qPCR status with corticosterone and protein electrophoresis, is needed to elucidate the 
significance of herpesvirus prevalence in relation to stress and inflammation. 
Novel herpesviruses in Emydids have been detected by conventional PCR and subsequent DNA 
sequencing (Jungwirth et al. 2014; Sim et al. 2015; Ossiboff et al. 2015b; Yonkers et al. 2015), but 
longitudinal population monitoring is rarely pursued. A quantitative PCR assay for Terrapene herpesvirus 
1 in Eastern box turtles (Kane et al. 2016) revealed a ubiquitous distribution in free-ranging populations 
and identified a strong seasonal association in herpesvirus prevalence (Kane et al. 2017). Herpesvirus 
infection has not been previously identified in Blanding’s turtles (Allender et al. 2009) and the clinical 
significance of infection is not yet known. The application of the qPCR assay developed in this study in 
conjunction with existing conservation monitoring programs may enhance the ability to assess Blanding’s 
turtle population health.  
TaqMan primer-probe qPCR assays demonstrate an enhanced level of sensitivity and specificity by 
allowing specific hybridization between probe and target, which is required to generate a fluorescent 
signal for detection (Pestana et al. 2010). Two qPCR assays, EBHV1 primer-1 and EBHV1 primer-2, 
were evaluated for intra- and inter-assay variability and linearity. Both assays had acceptable levels of 
variation (coefficient of variation <2.0% at all dilutions) for intra- and inter-assay variability. In addition, 
the linear range was 108-101 for both assays, indicating that as few as 10 copies of viral DNA could be 
reliably quantified. The limit of categorical detection extended to 1 copy of viral DNA, enabling 
determination of a sample with only 1 viral copy of the DNA polymerase gene segment as ‘positive’ or 
‘negative.’ The EBHV1 primer-2 assay showed enhanced performance, with less variation at the majority 
of intra-assay dilutions and all inter-assay dilutions. The specificity of the EBHV1 primer-2 assay was 
also evaluated using positive control samples for Terrapene herpesvirus 1, Glyptemys herpesvirus 1, 
Glyptemys herpesvirus 2, Emydid herpesvirus 1, and Emydid herpesvirus 2. None of these positive control 
samples yielded positive results using the EBHV1 primer-2 assay, confirming that it was specific for 





products generated during each cycle of the PCR reaction, eliminating the need for gel electrophoresis to 
visualize the reaction product and providing rapid results (Pestana et al. 2010). The viral copy number 
obtained allows the use of more robust parametric statistical analysis between turtle populations and may 
reveal discrete changes in viral shedding over time.  
Following validation, the original 20 Blanding’s turtle oral-cloacal swabs were tested using the 
EBHV1 primer-2 assay. This resulted in the detection of two additional positive cases (qPCR prevalence 
20%), which were not detected by conventional PCR. This increase in prevalence between conventional 
and quantitative PCR (kappa= 0.6154) illustrates the increased sensitivity of the quantitative PCR assay, 
which will provide more accurate results to be used for future conservation management 
recommendations with regards to this specific herpesvirus. In addition, 35 Blanding’s turtle samples from 
2007 were tested using the EBHV1 primer-2 assay, revealing 100% agreement (kappa= 1.0) between 
conventional PCR and the new qPCR assay. It is important to note, however, that the DNA in these 
original samples may have degraded over the 9-year storage period at -20C and -80C due to several 
freeze-thaw cycles, preventing acquisition of reliable qPCR results in 2016.  
The current study demonstrates that the EBHV1 primer-2 TaqMan qPCR assay is sensitive, specific, 
and reliable for detection of the DNA polymerase gene segment of EBHV1. Based on this information, 
the assay is currently the recommended methodology to detect this targeted herpesvirus in free-ranging 
Blanding’s turtle surveys. An epidemiologic study has been completed, using the EBHV1 primer-2 assay 
to evaluate the qPCR prevalence of EBHV1 in free-ranging Blanding’s turtle populations in Illinois. The 
results obtained from this study will provide values for cross-sectional and longitudinal prevalence in 
these endangered populations. Most importantly, the qPCR assay will allow accurate comparison of 
prevalence between fragmented Blanding’s turtle populations and investigation of sex, age, and temporal 
influences on EBHV1 prevalence. Finally, the results may then be used to identify suboptimal habitats 








Intra- and inter-assay variability for a TaqMan probe-based primer, EBHV1 primer-2, obtained with 10-
fold dilutions from 1.09 x 108 to 1.09 x 100 viral copies per reaction for detection of Blanding’s 
herpesvirus 1 DNA polymerase gene. 
 Intra-assay   Inter-assay   
Viral Copy  CT mean CT SD CV CT mean CT SD CV 
109,000,000 10.79 0.05 0.46% 10.88 0.13 1.16% 
10,900,000 14.01 0.02 0.11% 14.12 0.16 1.16% 
1,090,000 17.18 0.04 0.23% 17.33 0.22 1.25% 
109,000 20.58 0.02 0.098% 20.71 0.19 0.91% 
10,900 23.82 0.02 0.08% 23.91 0.13 0.54% 
1090 27.07 0.07 0.27% 27.19 0.17 0.63% 
109 30.29 0.04 0.13% 30.45 0.21 0.70% 
10 33.16 0.32 0.97% 33.35 0.28 0.83% 
1 35.63 0.29 0.82% 35.32 0.43 1.23% 
















Fig. 3.1. Oral swab collection from a female Blanding’s turtle (Emydoidea blandingii) for PCR.  
 
Fig. 3.2. Standard curve for a TaqMan probe-based EBHV1 primer-2 with 10-fold serial dilutions from 
1.09 x 108 to 1.09 x 101 viral copies per reaction. The graph is plotted against a logarithmic concentration 







Fig. 3.3. Amplification plot of the standard curve for TaqMan probe-based EBHV1 primer-2 obtained 




















EPIDEMIOLOGY OF EMYDOIDEA HERPESVIRUS 1 IN FREE-RANGING BLANDING’S 
TURTLES (EMYDOIDEA BLANDINGII) FROM ILLINOIS 
ABSTRACT: Herpesvirus infections have been associated with high morbidity and mortality in 
populations of captive Emydid chelonians worldwide, but novel herpesviruses have also recently been 
identified in apparently healthy free-ranging Emydid populations. The clinical significance of this finding 
in the absence of an outbreak is currently unknown. We hypothesize that herpesvirus prevalence may be 
used as a sentinel of population health due to the virus’ propensity to recrudesce in times of stress or 
concurrent disease. Blanding’s turtles (Emydoidea blandingii), an endangered species in Illinois, have 
experienced range-wide declines because of habitat loss, degradation, and fragmentation. A novel 
herpesvirus, Emydoidea herpesvirus 1 (EBHV1), was identified in Blanding’s turtles in DuPage County, 
Illinois in 2015. Combined oral-cloacal swabs were collected from radiotelemetered (n=51) and trapped 
(n=3) turtles multiple times over the 2016 activity season. Additionally, swabs were collected at a single 
time point from trapped and incidentally captured (n=84) Blanding’s turtles in DuPage (n=33) and Lake 
(n=51) counties over the same field season. Each sample was tested for EBHV1 using a quantitative PCR. 
Fifteen adult females were detected with EBHV1 for an overall prevalence of 10.8% (95% CI: 6.2-
17.3%). In radiotelemetered females, there was a significantly higher prevalence of EBHV1 in May 
(23.8%, n=10) than June (2.9%, n=1), July (0%, n=0), August (0%, n=0), or September (7.7%, n=3) (odds 
ratio [OR]: 12.97; 95% CI: 3.83-43.92). This corresponds to the onset of nesting and may be associated 
with increased physiologic demands, furthermore, all positive turtles were negative in subsequent months. 
There were no clinical signs associated with any turtle at the time they were detected with EBHV1. This 
investigation is the critical first step to characterizing the implications of EBHV1 on Blanding’s turtle 








Chelonians are considered the most highly endangered vertebrate group (Flanagan 2015; Mittermeier 
et al. 2015). There are currently 322 extant species of tortoises, freshwater, and marine turtles (Flanagan 
2015), which are found in diverse habitats around the world (Buhlmann et al. 2009; Flanagan 2015; 
Mittermeier et al. 2015). Conservation initiatives, including translocation or introductions of animals, 
have been undertaken in an attempt to assist population survival, but have historically neglected to 
evaluate health and disease considerations (Aiello et al. 2014; Flanagan 2015). Furthermore, the presence 
of a pathogen does not necessarily lead to disease and the balance between host-pathogen relationships 
warrants investigation (Casadevall and Pirofski 2000; Aiello et al. 2014; Flanagan 2015). While cross-
sectional studies provide preliminary evaluations at a given instance, longitudinal studies follow 
individuals over prolonged periods of time (i.e. months, years, or decades) and are useful for evaluating 
the relationship between risk factors and the development of disease (Caruana et al. 2015). The addition 
of health assessment, including longitudinal monitoring, of free-ranging chelonian populations is 
recommended to establish baseline levels of pathogen persistence or exposure prior to an outbreak 
(Flanagan 2015).  
Blanding’s turtles (Emydoidea blandingii) are one species whose conservation status and ongoing 
research initiatives reflect the challenges to global chelonian health surveillance discussed above. 
Blanding’s turtles are currently classified as endangered by the IUCN Red List of Threatened Species 
(van Dijk and Rhodin 2011). Extensive range-wide declines in the population have occurred because of 
habitat degradation and fragmentation, predation, and road mortality (Rubin 2000; Rubin et al. 2001a; 
Congdon et al. 2008; van Dijk and Rhodin 2011; Henning and Hinz Jr 2016). Blanding’s turtles occur in 
both the United States and Canada, with Illinois populations considered to be in ongoing decline (van 
Dijk and Rhodin 2011). Based on mark-recapture surveys in Illinois, adult population size ranges from 
25-135 adults for five sites in Illinois. The minimum number of individuals for six other sites ranges 





Research of Blanding’s turtle biology and ecology makes it one of the best known turtle species 
throughout much of its range (Congdon et al. 2008), with an emphasis on nesting ecology (Standing et al. 
1999; Jones and Sievert 2012), spatial ecology (Rowe and Moll 1991; Rubin 2000; Congdon et al. 2011; 
McGuire et al. 2013; Mui et al. 2017), population genetic structure (Rubin 2000; Rubin et al. 2001a), and 
aging (Congdon et al. 2001). While these efforts are crucial to a thorough understanding of the natural 
history and demographics in disjointed Illinois populations, infectious disease threats have been largely 
under evaluated. Since disease could potentially negatively impact conservation of endangered species 
(De Castro and Bolker 2004), it is imperative to assess the health of the free-ranging Blanding’s turtle 
population and of turtles being released or re-introduced to these populations. With increased awareness 
and expertise, existing conservation programs are primed to introduce pathogen surveillance and health 
assessment into Blanding’s turtle management plans. 
Herpesviruses are becoming an increasingly important concern in captive and free-ranging chelonians 
(Kane et al. 2017). All herpesviruses are characterized by life-long infections and latency, or persistent 
infection with recurring virus replication and shedding (Maclachlan et al. 2017). These latent infections 
can remain quiescent or reactivate in times of stress (Ariel 2011; Maclachlan et al. 2017), including 
concurrent infectious disease, shipping, crowding, or administration of glucocorticoid drugs (Sim et al. 
2015; Maclachlan et al. 2017). These features contributed to the selection of herpesvirus as the initial 
target pathogen for infectious disease surveillance and as a sentinel of overall health in Blanding’s turtles 
in Illinois. All currently recognized reptilian herpesviruses belong to the subfamily Alphaherpesvirinae 
and chelonian herpesviruses are the best characterized of these (Wellehan and Johnson 2005; Ariel 2011; 
Marschang 2011; Wellehan 2012). Chelonian herpesviruses form a monophyletic cluster consistent with a 
genus, which has been called Chelonivirus (Bicknese et al. 2010; Marschang 2011; Wellehan 2012) or 
Scutavirus (Ossiboff et al. 2015b; International Committee on Taxonomy of Viruses (ICTV) 2016). With 
the advancement of molecular diagnostic techniques, tortoise and turtle herpesviruses have been classified 
based on phylogenetic relationships (Bicknese et al. 2010). Tortoise (Testudinidae) and freshwater turtle 





herpesviruses (Ossiboff et al. 2015b). There are now a total of 4 genetically distinct tortoise herpesviruses 
(THV), Tortoise herpesviruses 1-4 (Ariel 2011; Marschang 2011; Wellehan 2012). In addition, six 
Emydid herpesviruses have been described via molecular means, including: Emydid herpesvirus 1 and 2 
(Jungwirth et al. 2014; Ossiboff et al. 2015b), Glyptemys herpesvirus 1 and 2 (Ossiboff et al. 2015b), and 
Terrapene herpesvirus 1 and 2 (Sim et al. 2015; Yonkers et al. 2015).  
Tortoises affected by clinical herpesvirus infection present with ulcerative to necrotizing stomatitis, 
conjunctivitis, rhinitis, glossitis, and pharyngitis (Pettan-Brewer et al. 1996; Marschang et al. 1997; Muro 
et al. 1998; Une et al. 1999; Drury et al. 1999; Teifke et al. 2000; Origgi et al. 2004; Soares et al. 2004; 
Johnson et al. 2005; Hunt 2006; Marschang et al. 2009; Salinas et al. 2011). While similar clinical signs 
have been reported in Eastern box turtles (Terrapene carolina carolina) with Terrapene herpesvirus 1 
(Sim et al. 2015, 2016), the presentation of herpesviruses in captive Emydids has varied by chelonian 
species and the specific virus in question (Frye et al. 1977; Cox et al. 1980; Jacobson et al. 1982; 
Jungwirth et al. 2014; Ossiboff et al. 2015a; Cowan et al. 2015; Yonkers et al. 2015). Most importantly, 
herpesviruses have recently been identified to be widespread in apparently healthy free-ranging Emydid 
chelonian populations, and the clinical significance of this finding in the absence of an outbreak is 
currently unknown (Ossiboff et al. 2015b; Kane et al. 2017).  
Prior to the initiation of this project, there were no published reports of a herpesvirus identified in 
Blanding’s turtles, despite a pathogen surveillance study conducted nearly ten years ago (Allender et al. 
2009). Recently, however, we identified a novel herpesvirus, Emydoidea herpesvirus 1 (EBHV1), in free-
ranging Blanding’s turtles from Illinois and validated a TaqMan® quantitative polymerase chain reaction 
(qPCR) assay that is both sensitive and specific for this herpesvirus (Lindemann et al. Chapter 3). The 
specific objectives of this study were to 1) determine the baseline longitudinal and cross-sectional 
prevalence of EBHV1 in DuPage and Lake County, Illinois using qPCR and 2) Evaluate if qPCR 







MATERIALS AND METHODS 
Sample populations 
Free-ranging Blanding’s turtles in DuPage and Lake County, Illinois were sampled during May, 
June, July, August, and September 2016. The majority of the samples were collected from adult female 
turtles monitored by radiotelemetry. The remainder of the samples were collected from male and female 
adults, and juveniles of unknown sex, during targeted capture in hoop or incidental capture. Each turtle 
was targeted to be sampled a maximum of once per month and radiotelemetered females were targeted for 
sampling in each month during the field season in which they were successfully located. In DuPage 
County, however, samples were not collected for radiotelemetered female turtles in June because these 
animals were housed in a semi-captive holding area at Willowbrook Wildlife Center (Glen Ellyn, IL) to 
facilitate egg collection for head-start programs.  
Field sites in DuPage County included James “Pate” Philip State Park (40°58’40.468” N, 
88°15’27.53” W), Pratt’s Wayne Woods (41°57'45.3'' N, 88°14'29.757'' W), and West Chicago Prairie 
(41°53'18.954” N, 88°13'27.15'' W). Lake County sites included Spring Bluff (42° 29' 15.478'' N, 
87°48'44.394'' W) and Chiwaukee Prairie (42°30'8.824'' N, 87°48'34.622'' W). GPS coordinates were 
recorded at the location where each animal was encountered.  
 
Field methods 
Upon locating the turtle, weight was recorded to the nearest gram. Turtles were measured to the 
nearest millimeter, including straight carapace length (SCL), straight carapace width (SCW), carapace 
height (CH), total plastron length (TPL), and plastron width (PW). Sex and age class were recorded. Sex 
was classified as male or female based on plastron concavity and tail length. All turtles were given a 
unique ID by inserting a microchip (DuPage County), or notching marginal scutes with a hacksaw blade 
(Lake County). A physical examination was performed (E. Newman or D.M. Lindemann) and the 





open-mouthed breathing) consistent with clinical herpesvirus infection in other chelonian species were 
recorded.  
Combined oral-cloacal swabs were collected from each turtle using cotton-tipped plastic-handled 
applicators (Fisher Scientific, Pittsburgh, Pennsylvania, USA). Swabs were collected in duplicate and 
each swab was placed in a 2.0- mL polypropylene microcentrifuge tube (Fisher Scientific). Blood (less 
than 0.8% body mass) was collected from the subcarapacial sinus using a 3-mL syringe and a 22-gauge, 
1.5-inch needle under manual restraint. The samples were immediately placed in lithium heparin 
microtainers (Becton Dickinson Co., Franklin Lakes, New Jersey, USA) and gently inverted several 
times. Both blood and swabs were labeled with a unique identification number and remained on ice packs 
until transport to the lab 2-6 hours later. Swabs were then stored at -20 ºC or -80 ºC until DNA extraction.  
 
Polymerase chain reaction 
 Quantitative PCR (qPCR) was performed as previously described (Lindemann et al. Chapter 3). 
Briefly, DNA was extracted from oral-cloacal swabs using a QIAmp Blood Mini Kit according to the 
manufacturer’s instructions (QIAGEN Inc., Valencia, California, USA). Extracted DNA was stored at -20 
ºC until qPCR analysis. A TaqMan® assay was performed using forward (5’- 
AGGCGAACTGTTGACCGATT-3’), reverse (5’-TTTTCATGCGTAGGCGGATAG -3’), and probe (5’- 
CTGGCCTTGCGGAAG-3’), targeting a 59-base-pair segment of the EBHV1 DNA polymerase gene. 
All samples were tested in three technical repeats, using a real-time PCR thermocycler (7500 ABI Real-
Time CPR System, Applied Biosystems, Carlsbad, California, USA). Data were analyzed using 
commercial software (Sequence Detection Software v2.05, Applied Biosystems) and the cycle threshold 
(Ct) and DNA quantity results were averaged. A series of tenfold dilutions ranging from 1x106 to 1x101 










The qPCR detection status (positive or negative) was modeled using a logistic regression model, 
with turtle individual as a random effect. Fixed effects considered were county (DuPage or Lake County) 
and month (May through September). A two-way interaction between county and month was also tested. 
All models were fitted using the lmer function in package lme41 in R2 version 3.4.1.2. Odds ratios were 
calculated for each month based on EBHV1 prevalence. Multivariate analysis was performed in R (R 
Development Core Team 2016). The continuous variables of DNA concentration, DNA purity, EBHV1 
quantity mean, and EBHV1 STD quantity were evaluated for normality using the Shapiro-Wilk test. 
Positive and negative qPCR samples were then compared for DNA concentration and purity using the 
Mann-Whitney U test. Mean, standard deviation, and 95% confidence interval (CI) are reported for 
normally distributed data. Median and 10–90 percentiles are reported for non-normally distributed data. 
Univariate analysis was performed using the SPSS 24 statistical software (IBM Statistics, Chicago, 
Illinois, USA). 
Cross-sectional Analysis 
 Power analysis was conducted prior to the onset of data collection (a priori criteria: alpha 0.05, 
power 0.80, two-sided hypothesis) and determined that 194 independent samples would be needed to 
detect a difference in prevalence of 10% between sex, age class, or county. Descriptive statistics were 
tabulated for all continuous variables (body mass, body morphometrics). Normality was assessed using 
the Shapiro-Wilk test, Q-Q plots, skewness, and kurtosis. Normally distributed data was compared for sex 
and county using an independent samples t-test. Similarly, normally distributed data was compared for 
age class using an analysis of variance (ANOVA). When data was not normally distributed, a Mann-
Whitney U test or a Kruskal-Wallis one-way analysis of variance were used, respectively. A single 
reference range was calculated when there was no significant difference in continuous variables based on 





Mean, standard deviation, and 95% confidence interval (CI) are reported for normally distributed data. 
Median and 10–90 percentiles are reported for non-normally distributed data. 
 Categorical variables were compared to describe the sample population using Pearson’s chi-
square and Fisher’s exact tests. Categorical variables evaluated included: month of sampling, sex, age 
class, county, and capture method. When a significant difference was detected in the contingency table, 
pairwise comparisons were performed to determine where the significant difference existed. Statistical 
analysis was not performed for qPCR prevalence because there was only a single positive result. All 
univariate analysis was performed using the SPSS 24 statistical software (IBM Statistics, Chicago, 
Illinois, USA).  
 
RESULTS 
 A total of 312 sample sets were collected from 153 free-ranging Blanding’s turtles during the 
2016 field season. DNA extraction and subsequent qPCR analysis of 296 combined oral-cloacal swabs 
collected from 138 individual turtles (n=60 DuPage County; n=78 Lake County) were selected for 
analysis. 
Longitudinal samples (n=212) were collected from a total of 54 animals, which were sampled 
between 2-4 times (DuPage County) or 2-5 times (Lake County) per 2016 field season. These were 
collected in May (n=42), June (n=34), July (n=23), August (n=54), and September (n=39). While these 
turtles were targeted once per calendar month, there were instances where certain individuals (n=13) were 
opportunistically sampled twice within a month, ranging from 8-28 days apart. Most of the longitudinal 
samples were collected from adult females with radiotelemeters in place (n=26 DuPage County, n=25 
Lake County). Of these females, some sampling events (1-2 per individual) were performed after an 
incidental or hoop nature capture (n=6 DuPage County, n=3 Lake County) of that individual. In addition, 
several turtles (n=3) were sampled opportunistically more than once when trapped in a hoop net or 





Cross-sectional samples were collected from 84 individuals, which included 19 males, 14 
females, and 51 turtles of unknown sex. All the turtles of unknown sex, except one, were juveniles. There 
were 25 adults and 59 juveniles sampled.  
 
Longitudinal Analysis  
A total of 14 adult female turtles with radiotelemeters were detected with EBHV1 DNA from 
DuPage (n=7) and Lake (n=7) counties, yielding an overall qPCR prevalence of 25.9% (95% CI: 15-
37.9%) in each county. May (23.8%, n=10, 95% CI: 12.1-39.5%) had the highest EBHV1 prevalence, 
followed by September (7.7%, n=3, 95% CI: 1.6-20.9%) and June (2.9%, n=1, 95% CI: 0.1-15.3%). No 
positive turtles were detected in July (n=0, 95% CI: 0-8.2%) or August (n=0, 95% CI: 0-6.6%).  
County was not significantly related to qPCR results (P=0.58), although the full model with 
county added did not significantly decrease model fit (P=0.78) from the model with month alone. The 
interaction between county and month was also non-significant (P=0.89), but did not significantly 
decrease model fit (P=0.56) compared to the model without the interaction. Prevalence of qPCR positives 
was significantly higher in May compared to all other months (OR: 12.97; 95% CI: 3.83-43.92). There 
were no clinical signs associated with any turtle at the time they were detected with EBHV1 and all 
positive turtles were negative in every other month in which the individual was sampled.  
The EBHV1 DNA viral copy number was not normally distributed for 14 positive individuals 
(median 1,607 copies/µl, min-max: 6-303,443, 10-90 percentiles: 9-176,632, W=0.423, P=0.000). The 
standardized EBHV1 viral copy number was also not normally distributed (median 112.37 copies/ng of 
total DNA, min-max: 0.28-6,252.40, 10-90 percentiles: 0.36-3,621.22, W=0.489, P=0.00). DNA 
concentration and purity (A260/A280) measured by spectrophotometry were not normally distributed 
(n=175; W= 0.852 and W=0.876; P=0.00). Quantitative PCR positive and negative samples were not 
statistically different in DNA concentration (n=175; P=0.063) or purity (n=175; P=0.760). Overall, the 
median total DNA concentration was 23.67 ng/µl (min-max: 2.60-125.82, 10-90 percentiles: 9.92-54.49) 





Cross-sectional Analysis  
Separate reference ranges for males, females, adults, and juveniles were calculated for body mass 
and morphometrics (Table 4.1). The median body mass for males (1,355 g) was significantly higher than 
females (885 g) (P=0.002). The median weight for adults (1,345 g) was also significantly heavier than 
juveniles (197 g) (P=0.000). Body morphometrics were significantly larger in males for SCL (P=0.02), 
SCW (P=0.001), and TPL (P=0.009). No significant difference was noted between sexes for CH (mean 
56.67 mm, SD 2.26, P=0.132). Significant differences in body morphometrics were also noted between 
adults and juveniles for SCL (P=0.000), SCW (P=0.000), CH (P=0.000), TPL (P=0.000), and PW 
(P=0.000).  
A single adult female captured in a hoop net (May) in DuPage County was positive for EBHV1 
by qPCR analysis. The total DNA concentration of this sample was 25.11 ng/µl with a purity of 1.74. The 
EBHV1 viral copy number was 6.92 copies/ng of total DNA. No clinical signs consistent with 
herpesvirus were identified in this individual. Since this turtle was the only qPCR positive individual, 




Emydoidea herpesvirus 1 had an overall prevalence of 10.8% (95% CI: 6.2-17.3%) in apparently 
healthy Blanding’s turtles. This prevalence is low when compared to cross-sectional investigations of 
Glyptemys herpesvirus 1 in bog turtles (Glyptemys muhlenbergii; 48.5%) and Glyptemys herpesvirus 2 in 
wood turtles (Glyptemys insculpta; 55.6%), but high compared to Emydid herpesvirus 2 in bog turtles 
(2.9%) and spotted turtles (Clemmys guttata; 5.9%) (Ossiboff et al. 2015b). When comparing herpesvirus 
prevalence between these species, it is important to note the variation in sample size for bog turtles 
(n=204), wood turtles (n=9), and spotted turtles (n= 17). In addition, EBHV1 prevalence was also lower 
than observed with Terrapene herpesvirus 1 in Eastern box turtles (31.3%) (Kane et al. 2017). There was 





(Ossiboff et al. 2015b; Kane et al. 2017) and, similarly, no clinical signs were observed in Blanding’s 
turtles.  
Individuals in this study were repeatedly sampled and determined to be 12.97 times more likely to 
be positive in May than any other month of sampling. Although herpesviruses have been identified in 
other apparently healthy, free-ranging Emydids (Ossiboff et al. 2015b; Kane et al. 2017), these studies 
were unable to follow the same individuals over an entire active season. This cross-sectional sampling 
method prevents the identification of risk factors which contribute to the appearance of herpesvirus DNA 
in oral and cloacal swab samples over time. The stark seasonal difference between herpesvirus cross-
sectional qPCR prevalence in Eastern box turtles in 2013 and 2014 (May 11%, July 50%) (Kane et al. 
2017) and longitudinal qPCR prevalence in Blanding’s turtles in 2016 (May 23.8%; July 0%) underscores 
the importance of baseline infectious disease monitoring in a target species prior to an outbreak or making 
conservation recommendations. Factors contributing to annual variation in herpesvirus prevalence may 
include changes in air and water temperature, degree of habitat fragmentation, frequency of turtle 
interaction, and the presence of circulating co-pathogens.  
Emydoidea herpesvirus 1 detection in apparently healthy adult females is suspected to be 
associated with the seasonal occurrence of a physiologic stress. Herpesvirus-associated disease has been 
confirmed after periods of physiologic stress and immunosuppression (Soares et al. 2004), such as 
emergence from brumation in several chelonian reports (Muro et al. 1998; Hunt 2006; Sim et al. 2015). 
Increased prevalence of herpesviral disease during spring and summer has been proposed to be the result 
of latent virus activation during a period of brumation-associated immunosuppression (Muro et al. 1998). 
In our study, samples were not collected in March, when Blanding’s turtles would be emerging from 
brumation. Therefore, it remains uncertain if this period is associated with increased herpesvirus DNA 
shedding in Blanding’s turtles. Furthermore, no clinical signs consistent with herpesvirus infection were 
observed in any turtle when EBHV1 was detected, thus the detection may represent subclinical infection 





Blanding’s turtle natural history characteristics contribute to our understanding of the increased 
prevalence of EBHV1 in May. In Illinois, the seasonal cycle includes dormant overwintering in wetlands 
from November-March and activity on land and water from April-October (Henning and Hinz Jr 2016). 
Most terrestrial movements occur in May and June and include both long and short distance treks (Rowe 
and Moll 1991), which coincide with nesting from late May to early July (Rowe and Moll 1991; Congdon 
et al. 2008; Henning and Hinz Jr 2016). Movements may take longer than 7 days and include visits to 
woodland pools, temporary marshes, previous nest sites, and eventually to the area of nest construction 
(Congdon et al. 2008). Nesting migrations, however, may be less extensive in areas impacted by 
development and restricted by human disturbance (Rubin et al. 2001b). The increase in EBHV1 
prevalence in late May, therefore, corresponds to the onset of nesting and may be associated with 
increased physiologic stress during reproduction, leading to viral shedding. Using closely-related tortoise 
herpesviruses as a model, we suspect that EBHV1 infects the upper respiratory tract rather than 
reproductive tract, however, it is possible that increased interaction among turtles during breeding may 
also increase herpesvirus transmission. Alternatively, the fragmented habitat in Illinois may lead to 
impeded terrestrial migration and decrease the prevalence of herpesvirus compared to populations in more 
pristine habitat.  
The increased EBHV1 prevalence in May could also indicate a temperature change that 
contributes to increased viral persistence in the environment (Kane et al. 2017), improved viral replication 
(Gilad 2003), recrudescence due to temperature-associated physiologic stress (Haines and Kleese 1977), 
seasonal changes in immune system function (Zapata et al. 1992; El Masri et al. 1995; Muñoz and Fuente 
2001), or increased interaction between turtles with warmer environmental temperature (Kane et al. 
2017). While there is no seasonal variation in the incidence of herpes simplex virus 1 (HSV1) infection in 
humans (Aurelian 2009), viral infections in ectothermic vertebrates can be influenced by temperature 
(Ahne et al. 2002). The elevated Terrapene herpesvirus 1 prevalence in July (50%) when compared to a 
baseline prevalence of 31.3% was hypothesized to be a result of increasing temperatures in July (Kane et 





role in the emergence of clinical signs, disease severity, and mortality associated with herpesvirus 
infection (Haines and Kleese 1977; Gilad 2003; Renault et al. 2014). On the other hand, inhibition of 
herpesvirus replication has been reported at higher temperatures in amphibians and oyster larvae (Hine et 
al. 1998), koi fin cell line (Gilad 2003), bovine kidney cells (Stevens 1966), and newborn puppies 
(Carmichael et al. 1969). These findings highlight the need to determine the preferred temperature for 
EBHV1 replication in vitro, which will provide insight to the temporal trend observed in free-ranging 
Blanding’s turtles. It is interesting to note that an EBHV1 cross-sectional qPCR prevalence of 20% was 
found in an October 2015 pilot study (Lindemann et al. Chapter 3). The spike in EBHV1 prevalence in 
May (average high 71 °F [21.7 °C]; average low 48 °F [8.9 °C]) and October (average high 63 °F [17.2 
°C]; average low 42 °F [5.6 °C]) may reflect the relatively close approximation in temperature range 
during these two months when compared to other months of the year (U.S. climate data 2017), but further 
research is needed to support this hypothesis.  
All positive Blanding’s turtles were negative in all other months sampled, highlighting the importance 
of longitudinal studies, which allow monitoring of change over time in a particular individual or 
establishing sequence of events (Caruana et al. 2015). Since herpesviruses establish life-long latent 
infections (Ariel 2011; Marschang 2011; Maclachlan et al. 2017), the disappearance of viral DNA in 
swabs may represent return to a latent state. Latency has been most extensively studied in HSV1, an 
alphaherpesvirus, which establishes latency in sensory neurons that innervate the site of initial infection 
(Preston 2008). During latency, transcripts and proteins characteristic of lytic infection cannot be 
detected, indicating repression of gene expression (i.e. the genome is silent) (Preston 2008; Maclachlan et 
al. 2017). The state of latency in chelonian herpesviruses has been supported by the presence of 
herpesviral DNA in the CNS (4 weeks after a secondary challenge) in combination with the absence of 
detectable viral mRNA by RT-PCR and herpesviral structural protein by immunoperoxidase (Origgi et al. 
2004). Populations with a high proportion of individuals shedding viral DNA may, therefore, represent 
reactivation from latency due to an environmental stressor or concurrent disease. Using HSV1 as a model, 





likely to represent subclinical shedding of a virus that has recrudesced from latency, coupled with an 
adequate host immune response.  
County was not significantly associated with herpesvirus qPCR status. This may suggest that, based 
on herpesvirus qPCR prevalence, these two counties are similar in overall health status. A previous study 
investigated the genetic diversity between several Illinois populations in DuPage County compared to 
those outside of Illinois (Rubin et al. 2001a). Findings suggested that the Illinois populations contain a 
similar degree of genetic variation, however, may be genetically depauperate compared to larger, more 
sustainable populations (Rubin et al. 2001a). Since loss of genetic variation in these Illinois populations 
may reduce opportunities for adaption to environmental changes through evolutionary change (Rubin et 
al. 2001a) and feasibly increasing the risk of introduction of infectious diseases, herpesvirus prevalence 
may follow a similar trend. Based on this assumption, comparison of Illinois populations to larger 
Blanding’s turtle populations with less habitat fragmentation and destruction is necessary before making 
conclusions about the health of Blanding’s turtles in Illinois. Further research is also needed to determine 
if the findings in this study are repeatable over a longer time scale. In addition, it is important to recognize 
that the longitudinal population used in this study consisted of adult females. It remains uncertain if the 
prevalence of herpesvirus in males would follow a similar trend.  
There was no significant difference in total DNA concentration in qPCR positive and negative 
samples (median total DNA concentration 23.67 ng/µl). During qPCR validation in Blanding’s turtle 
DNA extracts, this assay was found to perform with similar efficiency in samples containing high (54.06 
ng/µl) and low (10.88 ng/µl) total DNA concentrations measured by spectrophotometry (Lindemann et al. 
Chapter 3). Since the median total DNA concentration in the present study falls within this range, the 
assay would be expected to perform with similar efficiency. Furthermore, the finding that total DNA 
concentration was similar in qPCR positive and negative samples suggests that swabbing methodology 
was consistent among turtles and that there should not be any deficit or excess of DNA in samples, 
inhibiting qPCR assay efficiency. Inhibition of the qPCR assay by additives co-purified with the DNA or 





Aldrich 2008; Raymaekers et al. 2009; Bustin et al. 2009). Although qPCR inhibition was not specifically 
evaluated with internal (in-well) controls, efficiency analysis was previously performed with DNA 
extracted from Blanding’s turtle oral-cloacal swabs and spiked with template standards. Quantitative PCR 
efficiency was preserved in these assays (Lindemann et al. Chapter 3). The addition of internal controls in 
future assays will rule-out the possibility of qPCR inhibition. 
 The viral copy number for positive samples (median 112.37 copies/ng of total DNA, min-max: 0.28-
6,252.40, 10-90 percentiles: 0.36-3,621.22) indicates that there was a wide range of viral DNA detected in 
positive turtle combined oral-cloacal swabs. Oral swabs have been suggested to be the most suitable 
sample for routine diagnosis of chelonian herpesviruses due to the marked tropism for epithelial tissue 
(Salinas et al. 2011). Multiple studies have utilized oropharyngeal (Une et al. 2000; Soares et al. 2004; 
Salinas et al. 2011; Sim et al. 2015, 2016; Kane et al. 2017) or combined oral-cloacal (Ossiboff et al. 
2015a, 2015b) swabs to detect chelonian herpesviruses. Since there were no clinical signs in positive 
turtles, the viral copy number was not associated with clinical disease. Thus, challenge studies are needed 
to understand the role viral quantity plays in clinical and subclinical disease. 
 
Cross-sectional Analysis  
A single EBHV1 qPCR positive adult female was captured on 26 May 2016 from DuPage County. 
The fact that there was only one positive sample in the cross-sectional analysis was surprising based on 
the much higher risk of EBHV1 presence in May during longitudinal sampling. A power analysis was 
conducted prior to the onset of data collection and determined that 194 independent samples would be 
needed to detect a difference in prevalence of 10% between sex, age class, or county. Based on this 
information, it is possible that a type II error may have resulted from the relatively small sample size (84 
individuals) in our cross-sectional analysis (i.e. failure to detect animals that were truly positive). Since 
we have demonstrated that the qPCR presence of EBHV1 varies over time, it is also possible that the 
timing of samples collected in May for the cross-sectional analysis may have missed the period of viral 





DuPage County and between 19 May and 27 May 2016 in Lake County. The cross-sectional samples 
were collected between 20 May and 26 May 2016 in DuPage County and 19 May and 31 May 2016 in 
Lake County. Since the cross-sectional sampling window fits mostly within the longitudinal sampling 
window, it seems unlikely that sampling missed the peak in EBHV1 prevalence. In the future, evaluating 
qPCR prevalence on a continuous scale (i.e. by date rather than month) may provide more information 
about the change in EBHV1 prevalence over time.  
 
CONCLUSIONS 
This investigation is the critical first step to characterizing the implications of EBHV1 on Blanding’s 
turtle population health and identifying management changes that may improve sustainability. Our results 
indicate that the prevalence of EBHV1 is significantly higher in May, underscoring the importance of 
longitudinal health assessment monitoring in endangered chelonian populations. Expanding the sampling 
season over the entire active season (March-October) may provide more information about additional 
peaks in EBHV1 prevalence. Repeated sampling of male individuals is needed to determine if EBHV1 
prevalence follows a similar pattern compared to the adult females in this study. The change in EBHV1 
prevalence over time may reflect periods of physiologic stress that increase viral shedding (i.e. terrestrial 
migrations, nesting), or a change in water temperature that may increase persistence of the virus or hinder 
the host’s immune response to viral infection. The addition of water temperature, humidity, microhabitat, 
and geospatial data in future analyses would provide more information about the contributors to this 
change in prevalence over time.  
 County influences on EBHV1 prevalence appeared to be minor based on the results of this study. 
Age class and sex were unable to be fully evaluated because there was only a single positive animal from 
the cross-sectional analysis. Although county of sampling did not affect quantitative PCR results in this 
study, comparison to larger populations outside of Illinois could potentially reveal overarching health 
differences between disjointed Illinois populations and more sustainable populations. Additional future 





determine repeatability of results. The incorporation of concurrent infectious disease testing would further 
characterize the health of these endangered Blanding’s turtle populations. The assay employed in this 
study has been demonstrated to be both sensitive and specific for EBHV1, however, it is possible that 
other unidentified herpesviruses may be present in Blanding’s turtles. Inclusion of hematology and 
protein electrophoresis data in future field seasons will reveal any trends, if present, associated with 
inflammation in herpesvirus infections.  
Refinement of sample collection strategies and qPCR optimization may enhance the detection of the 
EBHV1 DNA polymerase gene segment. As discussed, the addition of internal positive controls in future 
assays will rule-out the possibility of qPCR inhibition. Collection of separate oral and cloacal swabs 
(rather than a single combined swab) from Blanding’s turtles and comparing EBHV1 DNA amplification 
from each sample type will help determine the most appropriate sampling site to detect shedding of viral 
DNA. This may, in turn, provide some information about the route of herpesvirus transmission and 
primary site of infection. Furthermore, herpesvirus qPCR analysis of whole blood will provide 
information about the presence and timing of viremia in Blanding’s turtles. Viral transmission studies and 
subsequent necropsy and histopathology will elucidate pathology and tissue tropism patterns in 
Blanding’s turtles, but may pose a challenge in small populations of endangered species. Finally, studies 















Table 4.1. Body mass, straight carapace length (SCL), straight carapace width (SCW), straight carapace 
height (CH), total plastron length (TPL), and plastron width (PW) of free-ranging Blanding’s turtles 
(Emydoidea blandingii) from DuPage and Lake County, Illinois. Statistically significant (P <0.05) values 
are listed in bold.  
Parameter Status Distribution Mean Std. 
Dev. 





Body mass Males Not Normal 1276 449 1355 19 539-1775 49-2026 0.002 
(g) Females Normal 773 422 885 14 224-1378 197-1385  
 Adults Normal 1296 299 1345 25 892-1686 700-2026 0.000 
 Juveniles Not Normal 260 166 197 59 94-536 27-732  
 Overall Not Normal        
SCL Males Not Normal 189 51 211 13 81-227 71-228 0.020 
(mm) Females Normal 166 35 181 14 113-210 109-210  
 Adults Not Normal 198 29 205 20 172-226 96-228 0.000 
 Juveniles Normal 112 30 111 51 74-152 14-171  
 Overall Not Normal        
SCW Males Not Normal 137 14 143 13 109-151 105-152 0.001 
(mm) Females Normal 114 22 125 14 80-142 77-143  
 Adults Not Normal 136 10 138 20 123-149 116-152 0.000 
 Juveniles Normal 82 20 82 51 59 -105 10-115  
 Overall Not Normal        
CH Males Normal 77 7 78 13 62-85 60-87 0.132 
(mm) Females Normal 69 15 73 14 48-91 48-92  
 Adults Normal 79 6 80 20 72-89 67-92 0.000 
 Juveniles Not Normal 48 14 48 51 32-63 6-105  
 Overall Normal 57 19 54 71 36-82 6-105  
TPL Males Normal 192 18 196 13 156-214 151-216 0.009 
(mm) Females Normal 163 33 175 14 111-201 107-201  
 Adults Not Normal 193 12 194 20 175-210 167-216 0.000 
 Juveniles Not Normal 112 31 108 51 76-151 13-170  
 Overall Not Normal        
PW Males Not Normal 98 28 108 13 39-116 11-116 0.052 
(mm) Females Not Normal 91 19 102 14 62-111 61-112  
 Adults Not Normal 102 229 107 20 94-116 11-116 0.000 
 Juveniles Not Normal 64 16 65 51 43-83 7-92  








CONCLUSIONS AND FUTURE DIRECTIONS 
The impact of infectious disease threats to free-ranging endangered chelonian populations is an area 
of research that has historically been under-represented in the literature. While a thorough understanding 
of the natural history and ecology of individual chelonian species is required to interpret the 
epidemiologic findings in health assessments, the addition of baseline pathogen surveillance is becoming 
increasingly important in the rapidly changing habitats of chelonians. Herpesvirus was selected as an 
initial pathogen for surveillance in endangered Blanding’s turtles because of the pathogen’s host-adapted 
nature, life-long persistence in the host, and propensity to recrudesce in periods of stress. The research 
within this thesis describes the steps taken to characterize a novel pathogen, validate a sensitive and 
specific assay for pathogen detection, and the preliminary description of this novel pathogen’s 
epidemiology in an endangered chelonian species.  
Emydoidea herpesvirus 1 was detected in free-ranging Blanding’s turtles using a consensus PCR 
targeting the DNA-dependent DNA polymerase gene. Following sequencing and confirmation of a novel 
herpesvirus, which shared a high degree of homology to herpesviruses isolated from closely related 
freshwater turtle species, a sensitive and specific quantitative PCR assay was developed. The results in 
this thesis demonstrate that the EBHV1 primer-2 TaqMan® qPCR assay is sensitive, specific, and reliable 
for detection of the DNA polymerase gene segment of EBHV1. Based on this information, the assay is 
currently the recommended methodology to detect this targeted herpesvirus in free-ranging Blanding’s 
turtle surveys.  
The epidemiological investigation described within this thesis is the critical first step to characterizing 
the implications of EBHV1 on Blanding’s turtle population health and identifying management changes 
that may improve sustainability. Our results indicate that the prevalence of EBHV1 is significantly higher 
in May, underscoring the importance of longitudinal health assessment monitoring in endangered 





may provide more information about additional peaks in EBHV1 prevalence. Repeated sampling of male 
individuals is needed to determine if EBHV1 prevalence follows a similar pattern compared to the adult 
females in this study. The change in EBHV1 prevalence over time may reflect periods of physiologic 
stress that increase viral shedding (i.e. terrestrial migrations, nesting), or a change in water temperature 
that may increase persistence of the virus or hinder the host’s immune response to viral infection. The 
addition of water temperature, humidity, microhabitat, and geospatial data in future analyses would 
provide more information about the contributors to this change in prevalence over time.  
County influences on EBHV1 prevalence appeared to be minor based on the results of this study. Age 
class and sex were unable to be fully evaluated because there was only a single positive animal from the 
cross-sectional analysis. Although county of sampling did not affect quantitative PCR results in this 
study, comparison to larger populations outside of Illinois could potentially reveal overarching health 
differences between disjointed Illinois populations and more sustainable populations. Additional future 
areas of research include continued longitudinal health monitoring over a longer time scale (years) to 
determine repeatability of results. The incorporation of concurrent infectious disease testing would further 
characterize the health of these endangered Blanding’s turtle populations. The assay employed in this 
study has been demonstrated to be both sensitive and specific for EBHV1, however, it is possible that 
other unidentified herpesviruses may be present in Blanding’s turtles. Inclusion of hematology and 
protein electrophoresis data in future field seasons will reveal any trends, if present, associated with 
inflammation in herpesvirus infections.  
Refinement of sample collection strategies and qPCR optimization may enhance the detection of the 
EBHV1 DNA polymerase gene segment. As discussed, the addition of internal positive controls in future 
assays will rule-out the possibility of qPCR inhibition. Collection of separate oral and cloacal swabs 
(rather than a single combined swab) from Blanding’s turtles and comparing EBHV1 DNA amplification 
from each sample type will help determine the most appropriate sampling site to detect shedding of viral 
DNA. This may, in turn, provide some information about the route of herpesvirus transmission and 





information about the presence and timing of viremia in Blanding’s turtles. Viral transmission studies and 
subsequent necropsy and histopathology will elucidate pathology and tissue tropism patterns in 
Blanding’s turtles, but may pose a challenge in small populations of endangered species. Finally, studies 
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